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ABSTRACT 
 
 

TYLER JOSEPH CARRIER. Symbiosis across diet-induced phenotypes of larval sea 
urchins.  (Under the direction of ADAM M. REITZEL)  

 
 

Larval sea urchins have served as a fundamental system for understanding 

development, phenotypic plasticity, and life-history evolution over much of the last 

century. In the recent decade, this understanding has begun to extend to the microbiota 

associated with larval sea urchins. This dissertation highlights the communities of 

bacterial symbionts that associate echinoid larvae and how they relate to the ecology and 

evolution of larval feeding. In particular, larvae acclimate to food-restricted environments 

by elongating their feeding apparatus to increase their feeding capacity. Chapter 1 of this 

dissertation shows that expression of this alternative phenotype is correlated with shifts in 

the bacterial community associated with larval sea urchins and that this response is 

induced by the environment. Chapter 2 then defines the temporal progression of the larval 

host and the associated microbiota towards a phenotype-specific bacterial community. 

Daily profiling of these responses shows that larval urchins follow a four-stage 

progression and that shifts in the bacterial taxa precede morphological plasticity, 

suggesting a temporal asynchrony in distinct acclimation responses by larval sea urchins. 

Chapter 3 then compares these responses between three sea urchin populations from 

different ocean gyres, showing that despite significant differences in bacterial community 

structure within each population based on food availability, development, phenotype, and 

time, variation the bacterial taxa correlated more strongly with geographic location. 

Lastly, Chapter 4 then shows that these coordinated shifts in larval phenotype and the 

bacterial symbionts are lost during the major life-history transition from planktotrophy 
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(feeding) to lecithotrophy (non-feeding). In this transition we also find that eggs from the 

lecithotrophy are dominated by a novel bacterial lineage with close relatives known to 

manipulate host reproduction. Collectively, this dissertation suggests that the bacterial 

communities associated with larval sea urchins are integral to their biology and ecology. 
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CHAPTER 1 
  

SYMBIOTIC LIFE OF ECHINODERM LARVAE 
 

Citation 

Carrier TJ, Reitzel, AM. 2020. Symbiotic life of echinoderm larvae. Frontiers in 

Ecology and Evolution 7:509. 

 

Abstract 

Echinoderms larvae have served as a fundamental system for understanding 

development and life history evolution over much of the last century. In the last few 

decades, our understanding of echinoderm larvae has expanded to the microbiota that they 

associate with. These symbionts and the communities that they form in relation to 

echinoderm larval host is the focus of this review. Our synthesis of the literature suggests 

three primary themes. First, larval echinoderms associate with ‘subcuticle bacteria’ that 

appear to colonize select tissue types. Second, the bacterial communities associated with 

larval echinoderms exhibit compositional shifts that are correlated with several 

fundamental properties of larval biology (e.g., development and morphological plasticity) 

and ecology (e.g., feeding environment). Third, echinoderm larvae exhibit specific 

responses to pathogenic bacteria that may aid in maintaining the symbiont community and 

avoid dysbiosis. To our knowledge, no studies have focused on if climate-related stressors 

impact the composition of these symbiont communities or how changes in bacteria may 

modulate response by larvae to these environmental stressors. We conclude by outlining 

techniques that need to be established in echinoderm larvae to transition from correlations 

between larvae and their associated microbiota to the function of these symbionts. 
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1.1 Echinoderms and their larvae 

The phylum Echinodermata is characterized by their pentaradial symmetry and 

global distribution in marine ecosystems. This group first appeared in the Cambrian and 

is composed of ~7,000 extant species (Appeltans et al., 2012) that are grouped into five 

classes: Crinoidea (feather stars and sea lilies), Holothuroidea (sea cucumbers), 

Asteroidea (sea stars), Ophiuroidea (brittle stars), and Echinoidea (sea urchins). 

Echinoderm life cycles are primarily bi-phasic, where the adults reside on the sea floor 

and the embryonic stages are suspended in the water column (Mileikovsky, 1971; 

Thorson, 1950; Young & Chia, 1987). This phylum is, perhaps, most recognized for its 

remarkable diversity of larval forms that have fascinated biologists for more than a century 

(Levin & Bridges, 1995). 

Echinoderm development, in general, follows either a lecithotrophic (non-feeding) 

or planktotrophic (feeding) trajectory (Mileikovsky, 1971; R. R. Strathmann, 1985; 

Thorson, 1950). Lecithotrophs develop from relatively large and energy-rich eggs (~300 

μm-1 mm in diameter, or where s≥1; McEdward & Miner, 2006; Vance, 1973) with 

sufficient maternal investment to complete development and undergo metamorphosis. The 

developmental period for lecithotrophs typically lasts a few days and, due to a shorter 

pelagic larval duration, can result in marginal dispersal between populations 

(Mileikovsky, 1971; R. R. Strathmann, 1985; Thorson, 1950). Planktotrophs, on the other 

hand, develop from more energy-poor eggs (~100 μm-~300 μm in diameter, or where s<1; 

McEdward & Miner, 2006; Vance, 1973) with sufficient maternal input to complete 

embryogenesis and develop into larvae with initial feeding structures. The remaining 



 

 

3 

energetic supply required for larval development and metamorphosis is acquired from 

exogenous resources (e.g., phytoplankton, detritus, and other particles) that are 

concentrated by a cilia-lined feeding apparatus (Feehan, Grauman-Boss, Strathmann, 

Dethier, & Duggins, 2018; Strathmann, 1987). These particulates are often dilute, leading 

to a pelagic larval duration lasting weeks to months and, in some cases, years 

(Mileikovsky, 1971; Olson & Olson, 1989; Strathmann, 1985; Thorson, 1950). 

Nearly four decades ago, Ribkin and colleagues (1986) recognized that the 

planktotrophic larvae of the asteroid Porania antarctica selectively interact with the 

environmental microbiota through bacterivory. It has since been observed that additional 

planktotrophic echinoderms exhibit bacterivory and that this feeding mode is believed to 

be important, but not essential, to the metabolic requirements of the larva (Ayukai, 1994; 

Douillet, 1993; Gosselin & Qian, 1997; Moal, Samain, Corre, Nicolas, & Glynn, 1996; 

Pearse, Bosch, Pearse, & Basch, 1991). Based on maximum clearance rates and particle 

abundance, it is estimated that echinoderm larvae interact with ~20 million bacteria each 

day by feeding alone (Carrier, Macrander, & Reitzel, 2018). It is, however, unknown 

which bacterial (or other microbial) groups that echinoderm larvae may target and whether 

these microbes are selected strictly for bacterivory or as a symbiont that may be acquired 

by horizontal transmission. 

Just prior to recognizing that echinoderm larvae were bacterivorous, Cameron and 

Holland (1983) observed that bacteria were living inside the tissues of healthy larvae. In 

this review we synthesize the properties of these bacteria and how they relate to the 

biology and ecology of the echinoderm larval host. In the first section, we provide an 

overview of our understanding of echinoderm larvae and their bacterial symbionts through 



 

 

4 

the lens of microscopy and next-generation sequencing. In the second section, we 

summarize how larval-associated microbiota may be relevant in coping with 

anthropogenic stressors and outline the techniques needed to transition towards 

understanding the function of these symbionts. 

 

1.2 Bacterial symbionts of echinoderm larvae 

Over the last few decades our understanding of echinoderm larvae and their 

microbes has gone through two primary phases. The first phase uses microscopy and 

focuses on ‘subcuticle bacteria’ (or, due to their location within larval tissues, could be 

also be characterized as endosymbionts but this has not been explicitly tested). The second 

phase has developed in recent years and uses next-generation sequencing and other 

molecular tools to characterize larval-associated bacterial communities. This phase may 

be further divided into two focal points: the dynamics of these bacterial communities 

under different ecological conditions and the immune responses of the larval host when 

faced with pathogenic bacteria. 

 

1.2.1 Subcuticle bacteria 

While determining how to preserve the thin cuticle overlying the epidermis for 

transmission and scanning electron microscopy, Holland and Nealson (1978) observed 

that adults for each of the five echinoderm classes had a high abundance of what they 

called ‘subcuticle bacteria.’ Holland and Nealson (1978) did not test whether embryonic 

or larval stages also contained subcuticle bacteria. They did, however, speculate on the 

nature of transmission for echinoderms, stating that because the eggs are “unattached to 
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any follicle cells, and no bacteria have never been observed on or in echinoderm eggs” 

that “it is probable that each new generation of such echinoderms acquires its subcuticular 

bacteria from the surrounding sea water.” Moreover, Holland and Nealson (1978) 

suggested that, if acquired during the embryonic or larval stages, that the echinoderm must 

select for these symbiotic bacteria from a diverse community of environmental 

microbiota. 

Shortly thereafter and on multiple occasions since these original observations, 

studies have identified subcuticle bacteria in the developmental stages of echinoderms. 

These symbionts, thus far, have been found in three asteroids (Bosch, 1992; Cameron & 

Holland, 1983; Cerra, Byrne, & Hoegh-Guldberg, 1997), one ophiuroid (Walker & Lesser, 

1989), and one echinoid (Heyland, Schuh, & Rast, 2018; Schuh et al., 2019) (Figure 1.1; 

Table 1). In these five species, subcuticle bacteria have been observed within the mouth 

and gut lumen, out-pockets of the extracellular matrix that surrounds the larval body, 

embedded in the inner layer of the secondary cuticle of the rudiment epidermis, and are 

engulfed and, in some cases, digested by epidermal cells (Bosch, 1992; Cameron & 

Holland, 1983; Cerra et al., 1997; Heyland et al., 2018; Schuh et al., 2019; Walker & 

Lesser, 1989). 

The function of these subcuticle bacteria remains essentially unknown. Two cases, 

however, may suggest that these symbionts interact with and functionally benefit the 

larval host. First, A. squamata has a "vestigial" pluteus (i.e., greatly reduced larval arms 

and lacking a ciliated mouth) that is brooded within their central plate. Using transmission 

and scanning electron microscopy, Walker & Lesser (1989) found that a rod-shaped 

bacterium from the Octadecabacter was abundant and actively dividing within the tissues 
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of this "vestigial" pluteus (Morrow et al., 2018). This Octadecabacter, which strictly 

associates with these larvae and is not found in the environment, can uptake dissolved free 

amino acids that are then incorporated into bacterial proteins and increase the total amino 

acid uptake for A. squamata (Lesser & Blakemore, 1990; Lesser & Walker, 1992; 

Morrow, Tedford, Pankey, & Lesser, 2018; Walker & Lesser, 1989). Second, clonal larvae 

of the sea star Luidia collected from the Gulf Stream had one to three rod-shaped 

morphotypes of subcuticle bacteria (Bosch, 1992). For Luidia as well as Acanthaster, 

some symbionts were located in the gut and auto-fluoresced (Bosch, 1992; Carrier et al., 

2018; Galac, Bosch, & Janies, 2016), suggesting the potential ability to be phototrophic. 

Collectively, these examples suggest, but do not show explicitly, that bacterial symbionts 

may have metabolic functions that could potentially benefit the larval host. 

 

1.2.2 Bacterial communities 

The subcuticle bacteria discussed above are a portion of the collection of bacteria 

associated with echinoderm larvae. Using next-generation sequencing, larval-associated 

bacterial communities have been reported for six species of echinoderm larvae: two 

asteroids (Carrier et al., 2018; Galac et al., 2016) and four echinoids (Carrier, Dupont, & 

Reitzel, 2019; Carrier & Reitzel, 2018; Carrier & Reitzel, 2019, 2019; Schuh et al., 2019) 

(Figure 1.1; Table 1). In general, these bacterial communities are composed of a couple 

hundred bacterial species (i.e., Operational Taxonomic Units or OTUs, as defined by 

≥97% similarity of the phylogenetically-conserved 16S rRNA gene) (Carrier et al., 2019; 

Carrier & Reitzel, 2018; Carrier & Reitzel, 2019; Carrier et al., 2018; Galac et al., 2016). 

The predominant bacterial families encompassing these diverse communities are the a- 
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and g-Proteobacteria (Proteobacteria) and the Flavobacteriaceae (Bacteroidetes) (Carrier 

et al., 2019; Carrier & Reitzel, 2019, 2019; Carrier et al., 2018; Galac et al., 2016). 

Like many other studies of animal and plant microbes, the bacterial communities 

associated with echinoderm larvae are species-specific and taxonomically distinct from 

the environmental microbiota (Carrier & Reitzel, 2018; Carrier et al., 2018; Galac et al., 

2016), suggesting that these communities are, at least in part, selected by the host. This 

host-specificity, however, appears to be lost when larvae are cultured under traditional 

laboratory settings for rearing the developmental stages of marine invertebrates (i.e., fine-

filtered or artificial saltwater) (Schuh et al., 2019). Moreover, Strongylocentrotus 

purpuratus larvae cultured under traditional laboratory settings associate with bacterial 

communities that are less diverse in total taxa and the phylogenetic breadth of those taxa, 

and retain ~40% of the OTUs harbored by ‘wild-type’ counterparts (Schuh et al., 2019). 

This implies that studying larval-associated bacterial communities is most accurately 

performed at near-natural conditions, such as by filtering ambient seawater to 5-μm to 

remove most debris and planktonic predators while retaining the environmental 

microbiota (Carrier & Reitzel, 2018; Hodin et al., 2019). 

Larval-associated bacterial communities are variable in community membership 

and composition but exhibit non-random shifts that correlate with multiple components 

of larval biology and ecology. These communities, for example, are established on 

unfertilized eggs but not the sperm of sea urchins (Carrier & Reitzel, 2019; Schuh et al., 

2019). When cultured using coarsely (5-μm) filtered seawater, echinoderm larvae exhibit 

a development-based succession in symbiont composition and, using fluorescent in situ 

hybridization, these bacteria appear to be localized to the mouth and gut lumen (Carrier 
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& Reitzel, 2019; Schuh et al., 2019). Following fertilization, the diversity of these 

communities increases by ~20% during the early embryonic stages and decreased by 

nearly ~85% following hatching and through metamorphosis (Carrier & Reitzel, 2019). 

From egg to hatching, the early embryonic stages appear to converge taxonomically with 

the environmental microbiota but then exhibit a host-mediated selection by diverging from 

this community following the onset of feeding (Carrier & Reitzel, 2019). In cases where 

embryonic development includes asexual reproduction (e.g., cloning), the larval clones 

deviate little from the parent larva by maintaining a high proportion of particular bacteria, 

including phototropic species (Carrier et al., 2018; Galac et al., 2016). 

The six species of echinoderm larvae with profiled bacterial communities are 

planktotrophs and, by definition, are required to feed. Five of these species (echinoids: 

Strongylocentrotus purpuratus, S. droebachiensis, Mesocentrotus franciscanus, and 

Lytechinus variegatus; asteroid: Acanthaster sp.) have been differentially fed to test 

whether community composition varies with food quantity. In each case, bacterial 

communities are diet-specific with well-fed larvae distinguished from diet-restricted 

treatments (Carrier & Reitzel, 2018; Carrier & Reitzel, 2019; Carrier et al., 2018). When 

diet-restriction is prolonged, larval sea urchins compensate by elongating their feeding 

arms to increase water filtration capacity (Hart & Strathmann, 1994; McAlister & Miner, 

2018; Miner, 2004). This change in morphology is correlated with a shift in the 

composition of the bacterial symbionts, such that larval urchins associate with phenotype-

specific microbiota (Carrier & Reitzel, 2018; Carrier & Reitzel, 2019; Carrier et al., 2018). 

Establishment of a phenotype-specific bacterial community for larvae of the sea 

urchin L. variegatus follows a four-stage succession (Carrier & Reitzel, 2019). First, 
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larvae across diets associated with bacterial communities similar in both composition and 

structure. Second, different food environments (i.e., algal concentrations) induced diet-

specific bacterial communities in both membership and composition. Third, the bacterial 

communities of diet-restricted larvae associated with similar bacterial communities that 

are also distinct from that of well-fed larvae, with the latter coinciding with a reduction in 

community diversity. Lastly, composition and structure are maintained from the prior 

successional stage and now correlate with short- and long-arm phenotypes (Carrier & 

Reitzel, 2019). This suggests that changes in the larval-associated bacterial community 

shifts prior to the expression of the environmentally elicited morphological phenotypes, 

and that microbial communities may respond to environmental variation more quickly 

than morphological changes. 

Recent research also suggests that microbial communities differ not only between 

species but also between populations (e.g., ascidians: Dishaw et al., 2014; sponges: 

Marino, Pawlik, López-Legentil, & Erwin, 2017; fish: Llewellyn et al., 2016; seaweed: 

Marzinelli et al., 2015). Differential feeding of larvae of the echinoid S. droebachiensis 

from three populations in different ocean basins showed parallel responses that result in 

diet-specific bacterial communities (Carrier et al., 2019). Despite each population 

associating with a diet-specific bacterial community, variation in OTU membership and 

community composition correlated more strongly with geographic location (Carrier et al., 

2019). Moreover, when comparing the taxonomic membership between populations, 20-

30% of bacterial taxa were specific to a single location while ~10% were shared between 

all three locations (Carrier et al., 2019). Collectively, these data suggest that larvae for a 

given species associates with a population-specific bacterial community. It is, however, 
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worth noting that this comparison was not performed using common garden culturing, and 

that it would be expected that these communities are more taxonomically similar, but still 

population-specific, when cultured using identical seawater. 

 

1.2.3 Pathogenic bacteria 

Biological responses to foreign ‘particles’ by echinoderm larvae were first 

recognized in the late 19th century (Metchnikoff, 1891; Tauber, 2003). More recently, 

echinoderm larvae have been used as a comparative system to define the cellular and 

molecular mechanisms of immunity when combating pathogenic bacteria. Due to the 

availability of a genome (Sodergren et al., 2006), the majority of this work has used the 

echinoid Strongylocentrotus purpuratus. The immune response by S. purpuratus to 

pathogenic bacteria was recently reviewed by (Buckley & Rast, 2017) and (Heyland et 

al., 2018). We refer the reader to these in-depth reviews for the molecular underpinnings 

of larval immunity, as this section will focus on the ecological components. 

From the amoebic disease (Paramoeba invadens) of S. droebachiensis in Nova 

Scotia (Feehan, Johnson-Mackinnon, Scheibling, Lauzon-Guay, & Simpson, 2013; 

Scheibling & Stephenson, 1984) to the major epizootic that decimated Diadema 

antillarum throughout the Caribbean (Lessios, 2016; Lessios, Robertson, & Cubit, 1984) 

or, more recently, the densovirus-associated wasting disease of asteroids (Harvell et al., 

2019; Hewson et al., 2014), the ecological impacts of disease on echinoderms has been 

well-documented over the last few decades (Feehan & Scheibling, 2014). Less of this 

work, however, has focused on embryonic and larval echinoderms. Echinoderm larvae 

potentially interact with ~20 million bacteria each day by feeding alone (Carrier et al., 
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2018), and a portion of these bacteria may be consumed through bacterivory, be symbionts 

acquired by horizontal transmission, or pathogenic bacteria that require an immune 

response. 

When faced with variation in food quantity, larval echinoids exhibit a trade-off in 

the expression of immune and metabolic genes (Carrier, King, & Coffman, 2015; Carrier 

et al., 2018), such that well-fed larvae upregulate metabolism and suppress immunity. 

High food availability is also suitable environmental conditions for pathogens or for 

bacteria to express pathogenic characteristics. If faced with a pathogen in these feeding 

conditions, food-induced suppression of the immune system may result in a suboptimal 

physiological response and larvae may be less able to regulate the associated microbiota. 

Echinoid larvae may then be at risk of pathogen-induced disease or exhibiting dysbiosis, 

both of which are hypothesized to be precursors to larval mortality (Carrier et al., 2018). 

When faced with pathogenic bacteria, echinoid larvae exhibit immune responses, 

for example, by expressing genes in the interleukin 17 (IL17) complex (Buckley et al., 

2017; Buckley & Rast, 2017; Ho et al., 2016). IL17s are known to both serve as a primary 

barrier to foreign bodies and to regulate the composition of larval-associated microbiota 

(Buckley & Rast, 2017). For S. purpuratus, exposure to the pathogen V. diazotrophicus 

coincides with successive expression of gut epithelial-specific IL17 subtypes to prevent 

progression of V. diazotrophicus and maintain the gut microbiota (Buckley et al., 2017; 

Buckley & Rast, 2017). When S. purpuratus larvae are made nearly germ-free, they 

become more susceptible to Vibrio-induced infections and mortality than counterparts 

with their native bacteria (Schuh et al., 2019). Pathogens that elicit a response appear to 

be lineage-specific, as not all Vibrio species or strains induce the expression of the IL17s 
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(Buckley et al., 2017; Buckley & Rast, 2017). Such responses by the larval host may 

contribute to maintaining homeostatic symbioses (e.g., Mortzfeld & Bosch, 2017), but the 

functional underpinnings for larval echinoderms has yet to be determined (but see Buckley 

et al., 2017; Buckley & Rast, 2017; Ho et al., 2016). 

 

1.3 Larval echinoderms in a changing environment 

Our understanding of echinoderm larvae and their relationship with microbial 

symbionts has been studied at ambient conditions. Marine invertebrates and their life 

history stages are, however, encountering a suite of anthropogenic stressors (Byrne, Ross, 

Dworjanyn, & Parker, 2018) that may disrupt homeostatic symbioses (e.g., Rosenberg, 

Koren, Reshef, Efrony, & Zilber-Rosenberg, 2007). To our knowledge, no studies have 

focused on how climate-related stressors (e.g., temperature and pH) affect the associated 

microbiota of echinoderm larvae. Similar to the cnidarian planula (Mortzfeld et al., 2015) 

and sponge amphiblastula (Webster, Botte, Soo, & Whalan, 2011), we hypothesize that 

an acclimation response to abiotic or biotic stressors would include shifts in symbiont 

composition. This, in particular, provides larvae with an opportunity to acquire bacterial 

symbionts with genes that are novel to the larval hologenome and that may aid in 

ameliorating physiological stress. Whether at ambient conditions or facing climate-related 

stressors, the function of larval-associated symbionts remains uncertain and if the host 

benefits from these partnerships. 

Determining if and how microbial symbionts contribute to the larval holobiont 

requires a transition from 16S rRNA-based profiling to function-based studies (Williams 

& Carrier, 2018). The functional potential and expression profiles of microbial symbionts 
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may be assessed using metagenomics (e.g., Slaby, Hackl, Horn, Bayer, & Hentschel, 

2017) and metatranscriptomics (e.g., Moitinho-Silva et al., 2014). The impact that 

particular taxa or the symbiont community have on the larval host may then be assessed 

by generating microbe-free larvae through an antibiotic treatment or gnotobiotic chambers 

(Bates et al., 2006; Leigh, Liberti, & Dishaw, 2016; Rawls, Samuel, & Gordon, 2004; 

Schuh et al., 2019; Smith, McCoy, & Macpherson, 2007) and adding back single or a mix 

of culturable taxa (Domin et al., 2018). Such techniques can be coupled with established 

visualization approaches (electron microscopy: Cerra et al., 1997; fluorescent in situ 

hybridization: Schuh et al., 2019) to define the spatial distribution of these symbiont and 

which tissues they colonize. Lastly, bacteria are not the sole member of host-associated 

microbial communities, as viruses, archaea, and fungi are common co-inhabitants (e.g., 

Webster & Thomas, 2016). Similar molecular and sequencing approaches can be used to 

characterize if and how they interact with the larval host. 

 

1.4 Conclusion 

Our understanding of symbioses between larval echinoderms and microbes has 

primarily developed in the last few years; yet, in this time we suggest that three primary 

themes have materialized. First, larval echinoderms associate with subcuticle bacteria that 

appear to colonize select tissues. Second, the bacterial communities associated with larval 

echinoderms exhibit compositional shifts that are correlated with several fundamental 

properties of larval biology and ecology. Third, the echinoderm larval host exhibits strict 

responses to pathogenic microbiota that may aid in maintaining the symbiont community 

to avoid dysbiosis. 
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Echinoderms larvae continue to serve as a fundamental system for understanding 

development and life history evolution (Love & Strathmann, 2018). The diversity in form 

and function may act as a strong foundation to understand how and to what extent bacteria 

and other microbes influence the many dimensions of larval biology (Hammer, Sanders, 

& Fierer, 2019). In particular, these diverse developmental approaches enable the fields 

of animal-microbe symbiosis and larval biology to uniquely test for functional links 

between host and symbiont during, for example, morphological plasticity and life history 

transitions. Because after all, echinoderm larvae have always and will continue to live and 

evolve in a sea of microbes (Bordenstein & Theis, 2015; McFall-Ngai et al., 2013; Zilber-

Rosenberg & Rosenberg, 2008). 
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Figure 1.1. Echinoderm larvae and their symbionts. Properties of echinoderm larval 
biology and ecology with known correlated shifts in the associated bacterial communities. 
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Table 1.1. List of echinoderm species noted to associate with bacterial symbionts. 
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Abstract 

Morphological plasticity is a genotype-by-environment interaction that enables 

organisms to increase fitness across varying environments. Symbioses with diverse 

microbiota may aid in acclimating to this variation, but whether the associated bacteria 

community is phenotype-specific remains understudied. Here we induce morphological 

plasticity in three species of sea urchin larvae and measure changes in the associated 

bacterial community. While each host species has unique bacterial communities, the 

expression of plasticity results in the convergence on a phenotype-specific microbiome 

that is, in part, driven by differential association with α- and γ-proteobacteria. 

Furthermore, these results suggest that phenotype-specific signatures are the product of 

the environment and are correlated with ingestive and digestive structures. By 

manipulating diet quantity over time, we also show that differentially associating with 

microbiota along a phenotypic continuum is bidirectional. Taken together, our data 

support the idea of a phenotype-specific microbial community and that phenotypic 

plasticity extends beyond a genotype-by-environment interaction. 
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2.1 Introduction 

Phenotypic plasticity, the ability of a single genotype to produce multiple distinct 

phenotypes, is a genotype-by-environment interaction that enables organisms to acclimate 

to environmental variation (DeWitt, Sih, & Wilson, 1998; Sterns, 1989; West-Eberhard, 

2003). For many organisms, including plants, amphibians, and marine invertebrates, 

plasticity confers a fitness advantage (i.e., is adaptive) when the phenotype matches the 

environment (Miner, Sultan, Morgan, Padilla, & Relyea, 2005).  The context-dependent 

expression of alternate phenotypes is, therefore, presumed to be an evolvable trait 

influenced by natural selection (Miner, Sultan, Morgan, Padilla, & Relyea, 2005). To date, 

ecological and evolutionary theory, including that of phenotypic plasticity, is primarily 

viewed as a genotype-by-environment interaction (Agrawal, 2001; DeWitt et al., 

1998;Miner et al., 2005; Sterns, 1989; Via & Lande, 1985). However, all eukaryotes, 

including plants and animals, are not strictly biological individuals (Gilbert, Sapp, & 

Tauber, 2012) but, instead, are holobionts that comprise a host and consortium of 

associated microbiota (Bordenstein & Theis, 2015; McFall-Ngai et al., 2013; Rosenberg, 

Sharon, & Zilber-Rosenberg, 2009; Theis et al., 2016; Zilber-Rosenberg & Rosenberg, 

2008). 

The hologenome theory of evolution proposes that multicellular eukaryotes 

establish partnerships with microbiota (e.g., eukaryotes, bacteria, Archaea, fungi, and 

viruses) that are, in part, heritable and affect fitness (Bordenstein & Theis, 2015; 

Rosenberg et al., 2009; Theis et al., 2016; Zilber-Rosenberg & Rosenberg, 2008). 

Variation in these microbial communities may arise from differential associations 
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following changes in the environment or host and/or microbial genomes (Bordenstein & 

Theis, 2015). The hologenome of a holobiont is, therefore, a host genome-by-microbial 

metagenome-by-environment (GHxGMxE) interaction, whereby acclimation is the result 

of changes in both GM and GH (Bordenstein & Theis, 2015; Carrier & Reitzel, 2017). 

Environment-mediated shifts in the structure (i.e., composition and abundance) of host-

associated microbial communities often vary in response to biotic challenges, such as diet 

type (David et al., 2014; Ley et al., 2008) and starvation (Kohl, Amaya, Passement, 

Dearing, & McCue, 2014). Shifts in host-associated microbial communities may, 

therefore, co-occur with the expression of environmentally elicited and adaptive 

morphological characters. 

A system to test the hypothesis that host-associated microbial communities are 

phenotype-specific are the feeding (planktotrophic) larvae of marine invertebrates. 

Planktotrophic larvae require exogenous nutrients to progress through development and 

undergo metamorphosis (Strathmann, 1985). The abundance and distribution of 

phytoplankton in coastal seas are spatially and temporally heterogeneous and often diluted 

in offshore waters (Olson & Olson, 1989). Several groups of planktotrophic larvae, 

including echinoids (phylum Echinodermata, class Echinoidea), respond to heterogeneous 

feeding environments by exhibiting morphological plasticity (McAlister & Miner, 2017). 

When experiencing starvation, larvae allocate energetic resources from development of 

the larval body towards the structures for ingestion (i.e., post-oral arms) while absorbing 

stomach tissues, enabling larvae to increase their feeding capacity in low food 

environments (Adams, Sewell, Angerer, & Angerer, 2011; Boidron-Metairon, 1988; 

Byrne, Sewell, & Prowse, 2008; Carrier, King, & Coffman, 2015; Miner, 2004; Soars, 
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Prowse, & Byrne, 2009). The role of and responses by the associated microbial 

community along this morphological continuum remains unknown, even though 

echinoderm larvae associate with diverse microbial communities (Galac, Bosch, & Janies, 

2016) and encounter tremendous numbers of environmental microbiota (Azam & Malfatti, 

2007). 

While within-species comparisons may discern the potential values of phenotypic 

plasticity, comparisons of conserved responses between closely related species to 

common environmental variation provides a broader inference for characterizing shared 

and species-specific adaptive responses. Here, we use larvae of three confamilial echinoid 

species (Strongylocentrotus purpuratus, Mesocentrotus franciscanus, and S. 

droebachiensis; Supplementary Fig. 2.1A-C; Lee, 2003) that differ in their expression of 

plasticity (Moran & McAlister, 2009), in order to test the hypothesis that the associated 

microbial community co-varies with expression and magnitude of morphological 

plasticity. Through a series of differential feeding experiments paired with sequence-

based analysis of the associated bacterial community, we provide evidence that the 

microbiome shifts following the expression of phenotypic plasticity and the magnitude to 

which this character is expressed. 

 

2.2 Materials and Methods 

2.2.1 Adult urchin collection and larval rearing 

Adult urchins were collected from populations throughout the Salish Sea in April 

2016. Specifically, individual S. purpuratus were hand-collected at low tide at Slip Point, 

Clallam Bay, WA (48°15'39" N, 124°15'03" W) and transferred overnight to the Friday 
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Harbor Laboratories (FHL; University of Washington; Friday Harbor, WA, USA). 

Similarly, S. droebachiensis were hand-collected at low tide, except at Cattle Point, San 

Juan Island, WA (48°27'00" N, 122°57'43" W), and were transferred to FHL within the 

hour. M. franciscanus, on the other hand, were collected by SCUBA off Bell Island, WA 

(48°35'49" N, 122°58'55" W) and transferred to FHL within two hours. Collected urchins 

were suspended in sub-tidal cages off the dock at FHL and fed Nereocystis spp. (sugar 

kelp) ad libitum until spawning two weeks later. 

Adult urchins were spawned with a one- to two-mL intracoelomic injection of 0.50 

M KCl. For each species, gametes from up to three males and three females were 

separately pooled. Fertilization of eggs and larval rearing followed Strathmann (1987), 

except, to include the environmental microbiota, embryos and larvae were reared using 

5.0-μm filtered seawater (instead of traditional filtration at 0.22-μm). Briefly, embryos 

were incubated in one-liter of filtered seawater (FSW) at ambient temperature and salinity 

(Supplementary Fig. 2.24), and two hours post-fertilization were transferred to three-L of 

FSW, divided into triplicates, and larval density was fixed to 2 larvae�mL-1, with 

subsequent dilutions with development. Larval cultures were given 90 to 95% water 

changes every other day. 

Monocultures of R. lens were grown at room temperature with f/2 media and a 

combination of ambient and artificial lighting (Guillard, 1975). 

 

2.2.2 Experimental feeding and larval morphometrics 

 At 48 hours post-fertilization, prism-stage larvae were divided into three replicate 

jars for each of the four experimental feeding treatments varying in R. lens quantity: 
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10,000, 1,000, 100, or 0 cells�mL-1. For each species, larvae fed 10,000 cells�mL-1 were 

reared through metamorphosis while starved larvae were diet-restricted until 

developmental stasis was reached. Larvae (n=100) of each species from all treatments and 

replicates were sampled weekly, preserved in RNAlater, and stored at -20 °C until 

extractions of nucleic acids were performed. We also tested for how diet shifts influence 

development and associated microbes in S. droebachiensis by starving larvae for three 

weeks and then switching them to 10,000 cells�mL-1 through metamorphosis. Larvae from 

this experiment were preserved and the nucleic acids were extracted in an identical 

manner.  

In addition to sampling larvae to assay the associated microbial communities, 

twenty larvae from a single replicate for each dietary treatment were sampled for 

morphometric analysis. Larvae were imaged using a compound microscope (Nikon 

Eclipse E600; camera: QImaging MicroPublisher 5.0 RTV) and morphometrics (length 

of larval body, post-oral arms, and stomach area; Supplementary Fig. Fig. 2.1D) were 

measured using ImageJ (NIH software, ver. 1.9.2; Schneider, Rasband, & Eliceiri, 2012). 

We tested for whether larval morphology and stomach volume were influenced by 

differential feeding over time using a two-way ANOVA (JMP Pro v. 13). Where statistical 

differences were observed (p<0.05), we used a post-hoc test to determine the affect at each 

time point and for each diet. 

 

2.2.3 Assaying microbial communities 

 We extracted total DNA from larval samples using the GeneJet Genomic DNA 

Purification Kit (Thermo Scientific). For filtered seawater samples, we extracted eDNA 
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using the FastDNA Spin Kit for Soil (MP Biomedical). DNA was then quantified using 

the NanoDrop 2000 UV-Vis Spectrophotometer (Thermo Scientific) and diluted to 5 

ng�μL-1 using RNase/DNase-free water. 

Bacterial sequences were amplified using universal primers for the V3/V4 regions 

of the 16S rRNA gene (Forward: 5′ CTACGGGNGGCWGCAG, Reverse: 5′ 

GACTACHVGGGTATCTAATCC; Klindworth et al., 2013). Products were purified 

using the Axygen AxyPrep Mag PCR Clean-up Kit (Axygen Scientific), indexed via PCR 

using the Nextera XT Index Kit V2 (Illumina Inc.), and then purified again. At each of 

these three clean up states, fluorometric quantitation was performed using a Qubit (Life 

Technologies) and libraries were validated using a Bioanalyzer High Sensitivity DNA 

chip (Agilent Technologies). Illumina MiSeq sequencing was performed at the University 

of North Carolina at Charlotte. 

Forward and reverse sequences were paired and trimmed using PEAR (Zhang, 

Kobert, Flouri, & Stamatakis, 2014) and Trimmomatic (Bolger, Lohse, & Usadel, 2014), 

respectively, converted from fastq to fasta using custom script, and, prior to analysis of 

bacterial 16S rRNA sequences, chimeric sequences were detected using USEARCH 

(Edgar, Haas, Clemente, Quince, & Knight, 2011) and removed using filter_fasta.py. 

Using QIIME 1.9.1 (Caporaso et al., 2010), bacterial 16S rRNA sequences were analyzed 

and grouped into operational taxonomic units (OTUs) based on a minimum 97% 

similarity. The biom table generated by the pick_open_reference_otus.py script was 

filtered of OTUs with less than ten reads as well as sequences matching chloroplast for 

cryptophytes (i.e., R. lens; Supplementary Data 1-3).  
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Using the filtered biom table and “biom summarize-table” function to count total 

sequences per sample, the rarefaction depth of 18,225 was determined and applied to all 

subsequent analyses (Supplementary Fig. 2.23). Beta diversity was calculated using the 

weighted UniFrac (Lozupone & Knight, 2005), and principal coordinate analyses (PCoA) 

were visualized in EMPeror (Vazquez-Baeza, Pirrung, Gonzalez, & Knight, 2013) and 

stylized in Adobe Illustrator CS6. Community composition was generated using 

summarize_taxa_through_plots.py script and visualized using Prism 7 (GraphPad 

Software). Community similarity across phenotypes, dietary states, developmental stages, 

and their decoupling were compared statistically using an ANOSIM as part of the 

compare_categories.py script.  

A step-by-step listing of QIIME scripts used to convert raw reads to OTUs for 

visualization of the data is located in Supplementary Note 1.  

 

2.3 Results 

2.3.1 Larval morphometrics  

Morphological plasticity in echinoid larvae is induced following exposure to a low 

phytoplankton environment. To induce plasticity in S. purpuratus, M. franciscanus, and 

S. droebachiensis, larvae were fed either 10,000, 1,000, 100, or 0 cells�mL-1 of the 

cryptophyte Rhodomonas lens. As predicted, each species exhibited a significant 

morphological change upon four weeks of differential feeding (Fig. 2.1; Supplementary 

Fig. 2.2; Supplementary Tables 1-3; ANOVA, p<0.001). Plasticity of the feeding 

structures was observed for S. purpuratus, M. franciscanus, and S. droebachiensis, where 

larvae at the same developmental stage fed the same diet exhibited a higher post-oral arm 
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to mid-body line ratio with time (Fig. 2.1; Supplementary Fig. 2.2; Supplementary Tables 

2-3; ANOVA, p<0.001). For the time points where plasticity was expressed, the 

magnitude of morphological change was inversely correlated with the degree of maternal 

investment (Fig. 2.1; Supplementary Fig. 2.3). 

For S. purpuratus, larvae fed 100 cells�mL-1 exhibited morphological plasticity 

following two versus three or four weeks of diet-restriction (Fig. 2.1A; Supplementary 

Fig. 2.2A), where the ratio between post-oral arms and larval body increased, on average, 

by 10.9% (±0.8%). For M. franciscanus, plasticity was observed when comparing larvae 

fed 100 cells�mL-1 following one versus two or three weeks of diet-restriction (Fig. 2.1B; 

Supplementary Fig. 2.2B), where the ratio between post-oral arms and larval body 

increased, on average, by 9.1% (±1.4%). Lastly, for S. droebachiensis, larvae fed 1,000 

cells�mL-1 expressed plasticity following two versus three or four weeks of diet-restriction 

(Fig. 2.1C; Supplementary Fig. 2.2C), where the ratio between post-oral arms and larval 

body increased, on average, by 4.5% (±2.1%). 

 

2.3.2 Microbiome across morphological plasticity states 

We used our morphological plasticity data as reference points to compare the 

structure of the microbiome along this phenotypic transition. The composition of the 

associated microbial community for larvae of each species was distinct between 

phenotypes when developmental stage and diet were identical (ANOSIM, S. purpuratus: 

p<0.004, M. franciscanus: p<0.006, S. droebachiensis: p=0.046; Fig. 2.2A-C; 

Supplementary Fig. 2.4-2.6). 
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Next, we tested whether the magnitude of morphological change was correlated 

with the magnitude to which the associated bacterial community was restructured. We 

determined that the number of differentially associated OTUs from pre- to post-expression 

of plasticity was directionally proportional to the magnitude of morphological change 

(R2=0.938; Fig. 2.3A) and inversely proportional to egg size (Supplementary Fig. 2.7A). 

Specifically, S. purpuratus, M. franciscanus, and S. droebachiensis differentially 

associated with 446, 302, and 152 OTUs (Supplementary Fig. 2.7), respectively. 

Furthermore, the ratio between over- to under-represented OTUs was directionally 

proportional to the magnitude of morphological change (R2=0.880; Fig. 3B; 

Supplementary Fig. 2.7C) and inversely proportional to egg size (Supplementary Fig. 

2.7B). 

	 Recruitment and expulsion of bacteria and/or a shuffling of relative proportion of 

the resident communities are not mutually exclusive mechanisms for differentially 

associating with microbial taxa (Bordenstein & Theis, 2015). By comparing the relative 

abundance of bacteria at higher taxonomic levels along this phenotypic transition, we 

observed that larvae trade-off in associating with α- and γ-proteobacteria. Larvae from 

each species associated with relatively more γ- and less α-proteobacteria following the 

expression of phenotypic plasticity (Fig. 2.2D-F). Furthermore, we observed a similar 

phenotype-specific trade-off at both the family and genus level for each species of larvae. 

Specifically, the γ-proteobacteria Colwelliaceae, Oleispira, and Pseudomonas for S. 

purpuratus, Colwelliaceae for M. franciscanus, and Flavobacteriaceae (e.g., Polaribacter) 

for S. droebachiensis represent a greater portion of the associated microbial communities 

of larvae having exhibited phenotypic plasticity (Supplementary Fig. 2.8; Supplementary 
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Table 4-5; ANOVA, p<0.008). On the other hand, the α-proteobacteria Bradyrhizobiaceae 

for S. purpuratus, Sphingomonas for M. franciscanus, and Bradyrhizobiaceae for S. 

droebachiensis represent a reduced portion of the associated microbial communities of 

larvae having exhibited phenotypic plasticity (Supplementary Fig. 2.8; Supplementary 

Table 4-5; ANOVA, p<0.008). 

 

2.3.3 Diet- and development-based shifts in the microbiome 

Nutritional developmental plasticity in echinoid larvae is induced when shifted 

from a well-fed to diet-restricted feeding regime (Carrier et al., 2015; McAlister & Miner, 

2017; B.G. Miner, 2004; Soars et al., 2009). To test if differences in the structure of the 

associated microbial community were a product of the feeding environment (i.e., quantity 

of phytoplankton), we compared community similarity across dietary states following one 

week (i.e., pre-expression of plasticity) of differential feeding and at a later time point 

(i.e., post-expression of plasticity). 

For S. purpuratus and M. franciscanus, but not S. droebachiensis, the structure of 

the microbiome was similar across food treatments following one week of differential 

feeding (ANOSIM, S. purpuratus: p=0.325, M. franciscanus: p=0.808, S. droebachiensis: 

p<0.002; Fig. 2.4A-C; Supplementary Fig. 2.9A-C, 2.10-2.12). At later time points 

following the expression of phenotypic plasticity, the structure of the microbiome was 

distinct across food treatments for all species (ANOSIM, S. purpuratus: p<0.002, M. 

franciscanus: p<0.003, S. droebachiensis: p<0.002; Fig. 2.4D-F; Supplementary Fig. 

2.9D-F, 2.13-2.15). This difference between weeks pre- and post-expression of plasticity 
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supports that larval phenotype and the associated microbiota was likely the product of 

differential feeding.  

A confounding factor specific to S. droebachiensis following one week of 

differential feeding was that developmental stage was variable across diets, where higher 

concentrations resulted in advanced stages (Supplementary Table 1). To test whether 

echinoid larvae associated a developmental stage-specific microbial community (as 

defined by the number of larval arms), we compared community similarity of 4-, 6-, and 

8-arm S. purpuratus larvae reared on the same diet and exhibiting a similar plasticity state. 

Like to other taxa (McFall-Ngai & Ruby, 2000; McFall-Ngai, 2002), S. purpuratus 

associated with a developmental stage-specific microbial community (ANOSIM, 

p<0.005; Supplementary Fig. 2.16). We hypothesize that the difference in associated 

microbial community observed in S. droebachiensis one week post differential feeding 

was, in part, due to a mixed population of 4- and 6-arm larvae across diets (Supplementary 

Table 1). 

 

2.3.4 De-coupling phenotypic plasticity 

Each component of nutritional developmental plasticity for echinoid larvae (i.e., 

diet, development, and phenotype) has specific microbial communities (Fig. 2.2, 2.4; 

Supplementary Fig. 2.16). These components, however, are biologically linked and thus 

our results may, in part, be explained by co-variation between these factors. To de-couple 

diet, development, phenotype, and time (i.e., ecological drift), we compared the microbial 

communities of 4-, 6-, and 8-arm larvae of both S. purpuratus and M. franciscanus fed 

100, 1,000, and 10,000 cells�mL-1, respectively, to 4-arm larvae pre- and post-expression 
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of phenotypic plasticity (i.e., larvae from Fig. 2.2A-B). For both species, we observe a 

diet-development coupling (i.e., PC1) distinct from phenotype (i.e., PC2) and time (i.e., 

PC3) (Fig. 2.5; ANOSIM, S. purpuratus: p<0.001, M. franciscanus: p<0.001), further 

supporting that echinoid larvae associate with phenotype-specific microbial communities. 

Differences in the associated microbial communities of the echinoid larval host 

across plasticity states may also have been the result of differences in the microbial 

communities prior to feeding. To test this, we compared the host-associated microbiota of 

pre-feeding larvae, finding that each biological replicate varied slightly but were more 

similar to each other than to other species of pre-feeding larvae (i.e., species-specificity; 

p<0.004; Supplementary Fig. 2.17-2.20). This result mirrors a phylosymbiotic pattern 

(Brooks, Kohl, Brucker, van Opstal, & Bordenstein, 2016) (data not shown), although the 

number of echinoid species is insufficient for a robust comparison. Thus, we observed no 

support that differences in microbial signatures across phenotypes, dietary states, and 

developmental stages were due to pre-treatment differences.  

Alternatively, these differences may have been the product of temporal shifts in 

the environmental microbiota during the course of the experiment. When comparing 

larval-associated and environmental microbiota from pre-feeding and late larval 

development, we observed each species of pre- (ANOSIM, p<0.001) and post-feeding 

(ANOSIM, p<0.001) larva were distinct from the environmental microbiota 

(Supplementary Fig. 2.21), suggesting that plasticity- and diet-specific microbial 

associates were unlikely to be the product of differential exposure to environmental 

microbiota. These results suggest that plasticity- and diet-specific microbial associates 

were unlikely to be the product of differential exposure to environmental microbiota. 
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2.3.5 Bidirectional shifts in the associated microbial community 

Expression of nutritional plasticity can be reversible with a change in the feeding 

regime. To test whether the plasticity-associated microbial signature is reversible, S. 

droebachiensis larvae were starved (0 cells�mL-1) for three weeks then switched to an ad 

libitum diet (10,000 cells�mL-1) for three weeks (i.e., until metamorphosis).  

The microbiome of larvae fed ad libitum followed a development-specific 

trajectory while starved larvae, as before, remained distinct from well-fed siblings and 

was similar to a starvation-specific microbial community (Fig. 2.4 and 2.6). The structure 

of the microbial community associated with early-stage larvae, as discussed above, were 

more similar to each other (weeks 1 and 2) than to late-stage larvae, independent of diet. 

Within the later larval stages, a division in community similarity was observed between 

starved larvae (weeks 3, 4, and 6) and well-fed larvae (Supplementary Fig. 2.22). 

Furthermore, when starved larvae were switched to a well-fed diet, their associated 

microbial communities became more similar to larvae fed ad libitum with time (Fig. 2.6; 

Supplementary Fig. 2.22), a trajectory congruent with developmental morphology (Fig. 

2.1C). 

 

2.4 Discussion 

Evolutionary and ecological theory predicts that variation in host-associated 

microbial communities corresponds with host phenotype (Bordenstein & Theis, 2015; 

Gilbert, 2016; Scott F. Gilbert, Bosch, & Ledon-Rettig, 2015). If the impact of associated 

microbes was sufficient to contribute to fitness of the holobiont, we would predict that the 
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host should be under selection to regulate what microbial species they associate in 

different environments (Bordenstein & Theis, 2015; Carrier & Reitzel, 2017; Kohl & 

Carey, 2016; Theis et al., 2016). Examples include, but are not limited to, aphids and 

Buchnera (Douglas, 1998), the bobtail squid Euprymna and Vibrio fischeri (Nyholm & 

Mcfall-Ngai, 2004), and the parasitic wasp Nasonia and Wolbachia (Bordenstein, O'Hara, 

& Werren, 2001), and on a community level, the gut and root microbiome of many animals 

(Ley et al., 2008) and plants (Berendsen, Pieterse, & Bakker, 2012). Previous studies, 

however, have not directly tested whether the microbiome correlates with 

environmentally-induced morphological plasticity in adaptive characters. Morphological 

plasticity is present in many species and is likely adaptive by facilitating a better matching 

phenotype for increased performance in the environment experienced by the holobiont 

(Bordenstein & Theis, 2015; DeWitt et al., 1998; Gilbert et al., 2015; McFall-Ngai et al., 

2013; Miner et al., 2005). If the associated microbial community contributes to the relative 

fitness of the host experiencing a dynamic environment, we hypothesized that the 

community should shift with morphological plasticity. 

Using larvae from three echinoid species ranging in their ability to express 

morphological plasticity, we observed that the microbiome predictably shifted for all three 

species of larvae. For each species, changes in the morphology of larvae experiencing 

food-restricted environments resulted in a corresponding shift in the microbial 

community. Interestingly, although similar patterns of differential association were 

observed between species of larvae, the microbial taxa were similar at higher taxonomic 

levels (e.g., phylum and class) but not at the OTU level. Moreover, for the species of 

larvae experiencing a coarse environmental shift (i.e., S. droebachiensis from unfed to 
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high food), a phenotype-specific microbial signature was reversible, implying that a 

microbiome-based means of acclimating to environmental variation is bidirectional and, 

perhaps, a fluid component of hologenomic acclimation. 

Larvae of S. purpuratus, M. franciscanus, and S. droebachiensis partner with 

species-specific microbiota that exhibit similar patterns of differential association when 

exhibiting phenotypic plasticity. In light of species-specific patterning in larval-associated 

microbiota, we propose that the functional importance of the microbiome corresponding 

with phenotypic plasticity is similar between species while the bacterial taxa vary. Our 

hypothesis follows recent evidence that the microbial taxa associated with a host may not 

directly reflect the functional properties of that community (Shafquat, Joice, Simmons, & 

Huttenhower, 2014). Based on the degree to which larvae can exhibit morphological 

plasticity, we suggest that the particular functions of the microbial communities associated 

with S. purpuratus and M. franciscanus larvae expressing plasticity are more similar than 

that of S. droebachiensis (Brooks et al., 2016). 

 Corresponding with a predicted convergence in functional properties of the host-

associated microbial communities across phenotypes, shifts in these communities may be 

mediated by differential gene expression of the larval host. Previous transcriptomic 

comparisons have shown that S. droebachiensis larvae exhibit a broad transcriptomic 

response to differential feeding (Carrier et al., 2015). Following the expression of 

phenotypic plasticity, S. droebachiensis larvae down-regulate genes associated with 

growth and metabolism while up-regulating genes involved with neurogenesis and 

environmental sensing, immunity and defense, and longevity (Carrier et al., 2015). 

Interestingly, the predicted function of up-regulated genes when larval echinoids undergo 
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phenotypic plasticity also correspond with well-known functional properties of microbes 

(Adams et al., 2011; Buckley et al., 2017; Buckley & Rast, 2017; Eisthen & Theis, 2016; 

Ho et al., 2017; Y. K. Lee & Mazmanian, 2010; Mortzfeld & Bosch, 2017; Round & 

Mazmanian, 2009; Sinclair, 2005; Sutherby et al., 2013). Therefore, a functional-based 

approach (Webster & Reusch, 2017) should be taken to determine whether the host gene 

expression or microbial interactions regulates, or perhaps directs, phenotypic plasticity. 

The rate of environmental change and delay in the corresponding phenotypic 

response can limit the phenotype-environment match. Larvae of the sea urchin Lytechinus 

variegatus exposed to fine grain (two-day) variability in exogenous resources, for 

example, are unable to match phenotype with feeding regime because the delay required 

for phenotypic reconstruction exceeds the environmental variability (Miner & Vonesh, 

2004). However, differentially associating with microbial communities when 

experiencing similar fine grain environmental variation, as similarly shown here with S. 

droebachiensis (10,000 versus 0 cells�mL-1), may be quicker to modulate over short 

temporal oscillations than morphological changes, which are typically slow. Thus, when 

facing environments variability favoring the expression of alternate morphological traits, 

organisms may acclimate by differentially associating with microbial communities. 

Phenotypic plasticity is common in animals and plants and, thus, our results of a 

phenotype-specific microbial community may be common when acclimating in variable 

environments. Polyphenism in anuran tadpoles, for example, is highly dependent on diet-

type, such that the morphology of carnivore and omnivore morphs from the same clutch 

differs considerably (Pfennig, 1992a, 1992b). Namely, carnivorous tadpoles have a larger 

orbitohyoideus to snout length ratio, enabling more efficient predation on their preferred 
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dietary option (Pfennig, 1992a, 1992b). Terrestrial plants, on the other hand, are highly 

plastic with regards to resource acquisition. For example, low-nutrient soil environments 

mediate increased growth in the roots and harvestable areas for the rhizosphere, whereas 

low levels of light results in an increase in leaf area (Sultan, 2000). Anuran tadpoles and 

plants, therefore, may serve as comparative systems for studying the hologenomic 

evolution of phenotypic plasticity and whether additional environmental cues select for 

shared and unique mechanisms associated with acclimation. 

Taken together, the data presented here support the hypothesis that sea urchin 

larvae have a phenotype-specific microbial community and that morphological change is 

correlated with restructuring the associated microbial community. Future research should 

determine whether the bacterial associates and other type of microbes, influence the 

expression of larval genes and what metabolites they contribute to the host will elucidate 

how these microbes may contribute to maximizing hologenomic fitness in a 

heterogeneous sea. 
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Figure 2.1. Three species of echinoid larvae alter phenotype to feeding environment. Ratio 
between the post-oral arm and mid body line (mean ± standard error; n=20; 
Supplementary Fig. 1D) for Strongylocentrotus purpuratus (A), Mesocentrotus 
franciscanus (B), and S. droebachiensis (C) larvae having been fed either 10,000 (black), 
1,000 (dark grey), 100 (grey), and 0 cells�mL-1 (light grey). For S. droebachiensis, larval 
phenotype was also manipulated (white) by being fed 0 cells�mL-1 for three weeks then 
transferred to 10,000 cells�mL-1 for three weeks (i.e., until metamorphosis). 
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Figure 2.2. Similarity of the associated microbial community along a phenotypic 
continuum for three species of echinoid larvae. Community similarity of the associated 
microbiota for Strongylocentrotus purpuratus (A), Mesocentrotus franciscanus (B), and 
S. droebachiensis (C) prior to (blue) and post (purple and yellow) expression of 
phenotypic plasticity. Along this continuum, larvae differentially associate with α- and γ-
proteobacteria pre- and post-expression of phenotypic plasticity, respectively (D, S. 
purpuratus; E, M. franciscanus; F, S. droebachiensis). 
  



 

 

56 

 
 

Figure 2.3. Differential abundance of OTUs along a morphological continuum for three 
species of echinoid larvae. Total (A) and ratio of (B) over- and under-represented OTUs 
associated with Strongylocentrotus purpuratus, Mesocentrotus franciscanus, and S. 
droebachiensis larvae following the expression of phenotypic plasticity (black) and in 
relation to the change in larval morphology (gray). Species on the x-axis are organized 
from least to most maternal investment, a direct correlate of the expression of phenotypic 
plasticity. 



 

 

57 

 
 

Figure 2.4. Induction of differential associations in the microbial community based on 
feeding environment for three species of echinoid larvae. Community similarity of the 
associated microbiota for Strongylocentrotus purpuratus (A, D), Mesocentrotus 
franciscanus (B, E), and S. droebachiensis (C, F) prior to (A-C) and post (D-F) expression 
of phenotypic plasticity, with larvae having been fed either 10,000 (blue), 1,000 (yellow), 
100 (maroon), and 0 cells�mL-1 (orange). 
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Figure 2.5. Decoupling phenotype-specific microbial communities from diet, 
development, and time for two species of echinoid larvae. Community similarity of the 
associated microbiota for Strongylocentrotus purpuratus (A) and Mesocentrotus 
franciscanus (B) larvae at the 8- (maroon), 6- (orange), and 4-arm (yellow) stage having 
been fed 10,000, 1,000, and 100 cells�mL-1, respectively, in comparison with larvae pre 
(blue) and post-expression (purple and yellow) of phenotypic plasticity. 
  



 

 

59 

 
 

Figure 2.6. Bidirectional plasticity in the associated microbial communities for 
Strongylocentrotus droebachiensis larvae. Community similarity of the associated 
microbiota for S. droebachiensis larvae fed 10,000 cells�mL-1 (purple) until 
metamorphosis and 0 cells�mL-1 (orange) for three weeks, versus larvae fed 0 cells�mL-1 
for three weeks then switched to 10,000 cells�mL-1 until metamorphosis (blue). 
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Supplemental Fig. 2.1. Photograph of each species of echinoid larvae and representative 
cartoon. Microphotograph of 8-arm Strongylocentrotus purpuratus (A), 6-arm 
Mesocentrotus franciscanus (B), and 8-arm S. droebachiensis (C) larva, and (D) cartoon 
of 4-arm echinoid larvae with pre-drawn line for post-oral arm and mid-body line 
measurements.  
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Supplemental Fig. 2.2. Three species of echinoid larvae alter stomach volume based on 
feeding environment. Post-oral arm to mid body line ratio (± standard error; n=20) for 
Strongylocentrotus purpuratus (A), Mesocentrotus franciscanus (B), and S. 
droebachiensis (C) larvae having been fed either 10,000 (black), 1,000 (dark grey), 100 
(grey), and 0 cells�mL-1 (light grey). For S. droebachiensis, larval stomach volume was 
also manipulated (white) by being fed 0 cells�mL-1 for three weeks then transferred to 
10,000 cells�mL-1 for three weeks (i.e., until metamorphosis). Data here correspond with 
Fig. 1. 
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Supplemental Fig. 2.3. Egg diameter for three species of echinoid larvae. Mean egg size 
(± standard error; n=20) of unfertilized eggs for Strongylocentrotus purpuratus, 
Mesocentrotus franciscanus, and S. droebachiensis. 
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Supplemental Fig. 2.4. Distribution of bacterial taxa associated with Strongylocentrotus 
purpuratus larvae along the phenotypic continuum. Genera associated with S. purpuratus 
larvae pre- (A) and post-expression (B, C) of phenotypic plasticity representing at least 
1% of the community, with taxa less than 1% group as ‘other.’ Data correspond with Fig. 
2A. 

  

 A        B         C

Phylum Class Order Family Genus
Bacteroidetes Flavobacteriia Flavobacteriales Flavobacteriaceae N/A
Cyanobacteria Chloroplast Stramenopiles N/A N/A
Planctomycetes Phycisphaerae Phycisphaerales N/A N/A
Proteobacteria Alphaproteobacteria Caulobacterales Caulobacteraceae N/A

Rhizobiales Bradyrhizobiaceae N/A
Rhodobacterales Hyphomonadaceae N/A

Rhodobacteraceae N/A
Sphingomonadales N/A N/A

Sphingomonadaceae Sphingomonas
Betaproteobacteria Methylophilales Methylophilaceae Methylotenera
Gammaproteobacteria Alteromonadales Alteromonadaceae N/A

Alteromonas
ZD0117
Other

Colwelliaceae N/A
Colwellia

J115 N/A
Other

Oceanospirillales Oceanospirillaceae Oleibacter
Oleispira
Other

Pseudomonadales Moraxellaceae Perlucidibaca
Pseudomonadaceae Pseudomonas

Xanthomonadales Xanthomonadaceae Stenotrophomonas
Other Other Other

Verrucomicrobia Verrucomicrobiae Verrucomicrobiales Verrucomicrobiaceae Persicirhabdus
Other Other Other Other Other
Unassigned Unassigned Unassigned Unassigned Unassigned
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Supplemental Fig. 2.5. Distribution of bacterial taxa associated with Mesocentrotus 
franciscanus larvae along the phenotypic continuum. Genera associated with M. 
franciscanus larvae pre- (A) and post-expression (B, C) of phenotypic plasticity 
representing at least 1% of the community, with taxa less than 1% group as ‘other.’ Data 
correspond with Fig. 2B. 
  

 A        B         C

Phylum Class Order Family Genus
Bacteroidetes Flavobacteriia Flavobacteriales Flavobacteriaceae N/A
Cyanobacteria Chloroplast Stramenopiles N/A N/A
Planctomycetes Phycisphaerae Phycisphaerales N/A
Proteobacteria Alphaproteobacteria Caulobacterales Caulobacteraceae N/A

Rhizobiales Bradyrhizobiaceae N/A
Rhodobacterales Rhodobacteraceae N/A

Octadecabacter
Sphingomonadales Sphingomonadaceae Sphingomonas

Betaproteobacteria Methylophilales Methylophilaceae Methylotenera
Gammaproteobacteria Alteromonadales Alteromonadaceae N/A

ZD0117
Colwelliaceae N/A

Oceanospirillales Halomonadaceae Candidatus Portiera
Pseudomonadales Moraxellaceae Perlucidibaca

Pseudomonadaceae N/A
Pseudomonas

Xanthomonadales Xanthomonadaceae Stenotrophomonas
Other

Verrucomicrobia Verrucomicrobiae Verrucomicrobiales Verrucomicrobiaceae Rubritalea
Other Other Other Other Other
Unassigned Unassigned Unassigned Unassigned Unassigned
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Supplemental Fig. 2.6. Distribution of bacterial taxa associated with Strongylocentrotus 
droebachiensis larvae along the phenotypic continuum. Genera associated with S. 
droebachiensis larvae pre- (A) and post-expression (B, C) of phenotypic plasticity 
representing at least 1% of the community, with taxa less than 1% group as ‘other.’ Data 
correspond with Fig. 2C. 
  

 A        B         C

Phylum Class Order Family Genus
Bacteroidetes Flavobacteriia Flavobacteriales Flavobacteriaceae Polaribacter

Other
Cyanobacteria Chloroplast Stramenopiles N/A N/A
Planctomycetes Phycisphaerae Phycisphaerales N/A

vadinHA49 N/A
Proteobacteria Alphaproteobacteria Rhizobiales Bradyrhizobiaceae N/A

Rhodobacterales Rhodobacteraceae N/A
Marivita

Sphingomonadales Sphingomonadaceae Sphingomonas
Betaproteobacteria Methylophilales Methylophilaceae Methylotenera
Gammaproteobacteria Alteromonadales Alteromonadaceae N/A

ZD0117
Colwelliaceae N/A

Enterobacteriales Enterobacteriaceae N/A
Oceanospirillales Endozoicimonaceae N/A

Oceanospirillaceae N/A
Pseudomonadales Moraxellaceae Perlucidibaca
Vibrionales Vibrionaceae Vibrio

Verrucomicrobia Verrucomicrobiae Verrucomicrobiales Verrucomicrobiaceae N/A
Other Other Other Other Other
Unassigned Unassigned Unassigned Unassigned Unassigned
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Supplemental Fig. 2.7. Differential abundance of OTUs in relation to egg size for three 
species of echinoid larvae. Total (A, B) and ration of (C) over- and under-represented 
OTUs associated with Strongylocentrotus purpuratus, Mesocentrotus franciscanus, and 
S. droebachiensis larvae following the expression of phenotypic plasticity (black) and in 
relation to egg size (gray).  
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Supplemental Fig. 2.8. Specific bacterial taxa within the proteobacteria differentially 
associated with larvae from three species of echinoid along the phenotypic continuum. 
Relative presence of specific bacterial taxa associated with Strongylocentrotus purpuratus 
(A), Mesocentrotus franciscanus (B), and S. droebachiensis (C) pre- (blue) and post-
expression (yellow and purple) of phenotypic plasticity. Data correspond with Fig. 2D-F. 
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Supplemental Fig. 2.9. Similarity between associated microbial community for three 
species of differentially fed echinoid larvae. Microbial dendrograms of 
Strongylocentrotus purpuratus (A, D), Mesocentrotus franciscanus (B, E), and S. 
droebachiensis (C, F) differentially fed at time points pre- (A-C) and post-expression (D-
F) of phenotypic plasticity. Data correspond with Fig. 4. 
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Supplemental Fig. 2.10. Distribution of bacterial taxa associated with differentially fed 
Strongylocentrotus purpuratus larvae pre-expression of phenotypic plasticity. Genera 
associated with S. purpuratus larvae fed either 10,000 (A), 1,000 (B), 100 (C), and 0 
cells�mL-1 (D) following one week of differential feeding representing at least 1% of the 
community, with taxa less than 1% group as ‘other.’ Data correspond with Fig. 4A. 
  

 A        B         C        D

Phylum Class Order Family Genus
Bacteroidetes Flavobacteriia Flavobacteriales Flavobacteriaceae N/A
Cyanobacteria Chloroplast Stramenopiles N/A N/A
Planctomycetes Phycisphaerae Phycisphaerales N/A
Proteobacteria Alphaproteobacteria Rhizobiales Bradyrhizobiaceae N/A

Other
Other Other

Rhodobacterales Rhodobacteraceae N/A
Marivita

Sphingomonadales Sphingomonadaceae Sphingomonas
Gammaproteobacteria Alteromonadales Alteromonadaceae N/A

ZD0117
Other Other Other Other Other
Unassigned Unassigned Unassigned Unassigned Unassigned
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Supplemental Fig. 2.11. Distribution of bacterial taxa associated with differentially fed 
Mesocentrotus franciscanus larvae pre-expression of phenotypic plasticity. Genera 
associated with M. franciscanus larvae fed either 10,000 (A), 1,000 (B), 100 (C), and 0 
cells�mL-1 (D) following one week of differential feeding representing at least 1% of the 
community, with taxa less than 1% group as ‘other.’ Data correspond with Fig. 4B. 
  

 A        B         C        D

Phylum Class Order Family Genus
Bacteroidetes Flavobacteriia Flavobacteriales Flavobacteriaceae N/A
Cyanobacteria Chloroplast Stramenopiles N/A N/A
Planctomycetes Phycisphaerae Phycisphaerales N/A
Proteobacteria Alphaproteobacteria Caulobacterales Caulobacteraceae N/A

Rhizobiales Bradyrhizobiaceae N/A
Rhodobacterales Rhodobacteraceae N/A

Marivita
Octadecabacter

Sphingomonadales Sphingomonadaceae Sphingomonas
Gammaproteobacteria Alteromonadales Alteromonadaceae N/A

ZD0117
Colwelliaceae N/A

Oceanospirillales Halomonadaceae Candidatus Portiera
Pseudomonadales Pseudomonadaceae N/A

Pseudomonas
Xanthomonadales Xanthomonadaceae Stenotrophomonas

Other
Verrucomicrobia Verrucomicrobiae Verrucomicrobiales Verrucomicrobiaceae Rubritalea
Other Other Other Other Other
Unassigned Unassigned Unassigned Unassigned Unassigned
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Supplemental Fig. 2.12. Distribution of bacterial taxa associated with differentially fed 
Strongylocentrotus droebachiensis larvae pre-expression of phenotypic plasticity. Genera 
associated with S. droebachiensis larvae fed either 10,000 (A), 1,000 (B), 100 (C), and 0 
cells�mL-1 (D) following one week of differential feeding representing at least 1% of the 
community, with taxa less than 1% group as ‘other.’ Data correspond with Fig. 4C. 
  

 A        B         C        D

Phylum Class Order Family Genus
Bacteroidetes Flavobacteriia Flavobacteriales Flavobacteriaceae N/A

Polaribacter
Cyanobacteria Chloroplast Stramenopiles N/A N/A
Planctomycetes Planctomycetia Pirellulales Pirellulaceae N/A
Proteobacteria Alphaproteobacteria Rhizobiales Bradyrhizobiaceae N/A

Rhodobacterales Rhodobacteraceae N/A
Sphingomonadales Sphingomonadaceae Sphingomonas

Betaproteobacteria Burkholderiales Oxalobacteraceae Ralstonia
Gammaproteobacteria Alteromonadales Alteromonadaceae ZD0117

Enterobacteriales Enterobacteriaceae N/A
Oceanospirillales Halomonadaceae Candidatus Portiera

Oceanospirillaceae N/A
Pseudomonadales Pseudomonadaceae N/A
Vibrionales Vibrionaceae Vibrio

Verrucomicrobia Verrucomicrobiae Verrucomicrobiales Verrucomicrobiaceae N/A
Verrucomicrobia Persicirhabdus
Other Other Other Other Other
Unassigned Unassigned Unassigned Unassigned Unassigned
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Supplemental Fig. 2.13. Distribution of bacterial taxa associated with differentially fed 
Strongylocentrotus purpuratus larvae post-expression of phenotypic plasticity. Genera 
associated with S. purpuratus larvae fed either 10,000 (A), 1,000 (B), 100 (C), and 0 
cells�mL-1 (D) following one week of differential feeding representing at least 1% of the 
community, with taxa less than 1% group as ‘other.’ Data correspond with Fig. 4D. 
  

 A        B         C        D

Phylum Class Order Family Genus
Bacteroidetes [Rhodothermi] [Rhodothermales] [Balneolaceae] Balneola

Flavobacteriia Flavobacteriales Flavobacteriaceae N/A
Polaribacter

Cyanobacteria Chloroplast Stramenopiles N/A N/A
Planctomycetes Phycisphaerae Phycisphaerales N/A
Proteobacteria Alphaproteobacteria Rhizobiales Bradyrhizobiaceae N/A

Rhodobacterales Hyphomonadaceae N/A
Oceanicaulis

Rhodobacteraceae N/A
Marivita

Other Other Other
Betaproteobacteria Methylophilales Methylophilaceae Methylotenera
Gammaproteobacteria N/A N/A N/A

Alteromonadales Alteromonadaceae N/A
Alteromonas
ZD0117

Colwelliaceae N/A
J115 N/A

Other
Oceanospirillales Oceanospirillaceae Oleibacter

Oleispira
Other

Pseudomonadales Moraxellaceae Perlucidibaca
Other Other Other

Other Other Other
Unassigned Unassigned Unassigned Unassigned Unassigned
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Supplemental Fig. 2.14. Distribution of bacterial taxa associated with differentially fed 
Mesocentrotus franciscanus larvae post-expression of phenotypic plasticity. Genera 
associated with M. franciscanus larvae fed either 10,000 (A), 1,000 (B), 100 (C), and 0 
cells�mL-1 (D) following one week of differential feeding representing at least 1% of the 
community, with taxa less than 1% group as ‘other.’ Data correspond with Fig. 4E. 
  

 A        B         C        D

Phylum Class Order Family Genus
Bacteroidetes [Rhodothermi] [Rhodothermales] [Balneolaceae] Balneola

Flavobacteriia Flavobacteriales Flavobacteriaceae N/A
Polaribacter

Cyanobacteria Chloroplast Stramenopiles N/A N/A
Planctomycetes Phycisphaerae Phycisphaerales N/A
Proteobacteria Alphaproteobacteria Caulobacterales Caulobacteraceae N/A

Rhizobiales Bradyrhizobiaceae N/A
Rhodobacterales Hyphomonadaceae Oceanicaulis

Rhodobacteraceae N/A
Marivita

Sphingomonadales Sphingomonadaceae Sphingomonas
Other Other Other

Betaproteobacteria Methylophilales Methylophilaceae Methylotenera
Gammaproteobacteria Alteromonadales Alteromonadaceae N/A

Colwelliaceae N/A
J115 N/A

Oceanospirillales Oceanospirillaceae Oleispira
Pseudomonadales Moraxellaceae Perlucidibaca

Pseudomonadaceae N/A
Pseudomonas

Xanthomonadales Xanthomonadaceae Stenotrophomonas
Verrucomicrobia Verrucomicrobiae Verrucomicrobiales Verrucomicrobiaceae Rubritalea
Other Other Other Other Other
Unassigned Unassigned Unassigned Unassigned Unassigned
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Supplemental Fig. 2.15. Distribution of bacterial taxa associated with differentially fed 
Strongylocentrotus droebachiensis larvae post-expression of phenotypic plasticity. 
Genera associated with S. droebachiensis larvae fed either 10,000 (A), 1,000 (B), 100 (C), 
and 0 cells�mL-1 (D) following one week of differential feeding representing at least 1% 
of the community, with taxa less than 1% group as ‘other.’ Data correspond with Fig. 4F. 
  

 A        B         C        D

Phylum Class Order Family Genus
Bacteroidetes [Saprospirae] [Saprospirales] Saprospiraceae Saprospira

Flavobacteriia Flavobacteriales Flavobacteriaceae Polaribacter
Other

Cyanobacteria Chloroplast Stramenopiles N/A N/A
Planctomycetes Phycisphaerae Phycisphaerales N/A
Planctomycetes vadinHA49 N/A N/A
Proteobacteria Alphaproteobacteria Rhizobiales Bradyrhizobiaceae N/A

Rhodobacterales Rhodobacteraceae N/A
Marivita

Sphingomonadales Sphingomonadaceae Sphingomonas
Gammaproteobacteria Alteromonadales Alteromonadaceae N/A

ZD0117
Shewanellaceae Shewanella

Oceanospirillales Endozoicimonaceae N/A
Vibrionales Vibrionaceae N/A

Vibrio
Verrucomicrobia Verrucomicrobiae Verrucomicrobiales Verrucomicrobiaceae N/A

Persicirhabdus
Other Other Other Other Other
Unassigned Unassigned Unassigned Unassigned Unassigned
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Supplemental Fig. 2.16. Developmental stage-specific microbial community for 
Strongylocentrotus purpuratus larvae. Community similarity of the associated microbiota 
for Strongylocentrotus purpuratus larvae at the 4- (light grey), 6- (grey), and 8-arm (black) 
stages (A), with respective microbial dendrogram. 
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Supplemental Fig. 17. Species-specific associated microbial communities for three 
species of echinoid larvae. Community similarity of the associated microbiota for 
Strongylocentrotus purpuratus (purple), Mesocentrotus franciscanus (red), and S. 
droebachiensis (green) prior to feeding.  
  

PC1 (70.05%)PC3 (4.28%)

PC2 (20.41%)

Strongylocentrotus purpuratus Mesocentrotus franciscanus
Strongylocentrotus droebachiensis
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Supplemental Fig. 2.18. Bacterial taxa associated with prefeeding Strongylocentrotus 
purpuratus larvae. Genera associated with S. purpuratus larvae prior to feeding 
representing at least 1% of the community, with taxa less than 1% group as ‘other.’ Data 
correspond with Supplemental Fig. 18. 

Phylum Class Order Family Genus
Bacteroidetes Flavobacteriia Flavobacteriales Flavobacteriaceae N/A

Polaribacter
Cyanobacteria Chloroplast Stramenopiles N/A N/A
Proteobacteria Alphaproteobacteria Rhizobiales Bradyrhizobiaceae N/A

Rhodobacterales Rhodobacteraceae N/A
Sphingomonadales Sphingomonadaceae Sphingomonas

Gammaproteobacteria Alteromonadales Alteromonadaceae N/A
Colwelliaceae N/A

Other Other Other Other Other
Unassigned Unassigned Unassigned Unassigned Unassigned
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Supplemental Fig. 2.19. Bacterial taxa associated with prefeeding Mesocentrotus 
franciscanus larvae. Genera associated with M. franciscanus larvae prior to feeding 
representing at least 1% of the community, with taxa less than 1% group as ‘other.’ Data 
correspond with Supplemental Fig. 18. 

 

Phylum Class Order Family Genus
Bacteroidetes [Saprospirae] [Saprospirales] Saprospiraceae N/A

Flavobacteriia Flavobacteriales Cryomorphaceae Crocinitomix
Flavobacteriaceae N/A

Polaribacter
Cyanobacteria Chloroplast Stramenopiles N/A N/A
Proteobacteria Alphaproteobacteria Caulobacterales Caulobacteraceae N/A

Rhodobacterales Rhodobacteraceae N/A
Sphingomonadales Sphingomonadaceae Sphingomonas

Gammaproteobacteria Alteromonadales N/A N/A
Alteromonadaceae N/A

Alteromonas
Colwelliaceae N/A

Oceanospirillales Oceanospirillaceae Marinomonas
Oleispira

Pseudomonadales Pseudomonadaceae Pseudomonas
Vibrionales Pseudoalteromonadaceae Pseudoalteromonas
Xanthomonadales Xanthomonadaceae Stenotrophomonas
Other Other Other

Other Other Other
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Supplemental Fig. 2.20. Bacterial taxa associated with prefeeding Strongylocentrotus 
droebachiensis larvae. Genera associated with S. droebachiensis larvae prior to feeding 
representing at least 1% of the community, with taxa less than 1% group as ‘other.’ Data 
correspond with Supplemental Fig. 18. 
  

Phylum Class Order Family Genus
Bacteroidetes Flavobacteriia Flavobacteriales Flavobacteriaceae N/A

Polaribacter
Cyanobacteria Chloroplast Stramenopiles N/A N/A
Proteobacteria Alphaproteobacteria Rhizobiales Bradyrhizobiaceae N/A

Rhodobacterales Rhodobacteraceae N/A
Sphingomonadales Sphingomonadaceae Sphingomonas

Gammaproteobacteria Alteromonadales Alteromonadaceae N/A
Colwelliaceae N/A

Oceanospirillales Oceanospirillaceae N/A
Marinomonas

Vibrionales Vibrionaceae N/A
Vibrio

Other Other Other Other Other
Unassigned Unassigned Unassigned Unassigned Unassigned
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Supplemental Fig. 2.21. Similarity of the associated microbial community for three 
species of echinoids at two larval stages. Community similarity of the associated 
microbiota for Strongylocentrotus purpuratus (purple), Mesocentrotus franciscanus (red), 
and S. droebachiensis (green) and seawater (blue) pre- (A) and post-feeding (B). 

A

B

PC1 (64.85%)PC3 (8.05%)

PC2 (21.01%)

PC1 (58.35%)PC3 (9.44%)

PC2 (24.01%)

Strongylocentrotus purpuratus Mesocentrotus franciscanus
Strongylocentrotus droebachiensis Seawater
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Supplemental Fig. 2.22. Similarity between associated microbial communities for 
dietarily manipulated larvae. Microbial dendrograms of Strongylocentrotus 
droebachiensis larvae fed 10,000 cells�mL-1 until metamorphosis and 0 cells�mL-1 for 
three weeks, versus larvae fed 0 cells�mL-1 for three weeks then switched to 10,000 
cells�mL-1 until metamorphosis. Data correspond with Fig. 6. 
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Supplemental Fig. 2.23. Alpha rarefaction curves for three species of echinoids at two 
larval stages and of the seawater. Alpha rarefaction curves for Strongylocentrotus 
purpuratus (purple), Mesocentrotus franciscanus (red), and S. droebachiensis (green) and 
seawater (blue) pre- (A) and post-feeding (B) based on rarefaction depth (i.e., 18,225) 
used for all PCoA plots.  
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Supplemental Fig. 2.24. in situ measurements of sea surface temperature at Friday Harbor, 
WA. Sea surface temperature at Friday Harbor, WA (NOAA station, FRDW1; 48°32'43" 
N 123°0'44" W) for the entirety of larval experimentation (15 May 2016 – 15 July 2016). 
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CHAPTER 3 
 

SHIFT IN BACTERIAL TAXA PRECEDES MORPHOLOGICAL 
PLASTICITY IN A LARVAL ECHINOID 

 
Tyler J. Carrier and Adam M. Reitzel 

 

Citation 

Carrier TJ, Reitzel, AM. 2019. Shift in bacterial taxa precedes morphological plasticity 

in a larval echinoid. Marine Biology 166:164. 

 

Abstract 

Morphological plasticity is an adaptive response to heterogenous environments 

when a fitness advantage is conferred. Larval sea urchins, for example, are hypothesized 

to increase individual fitness in dilute feeding environments by elongating their feeding 

structure relative to their body size. Morphological plasticity for larval sea urchins is also 

coupled with significant shifts in the associated bacterial community, but whether this 

change to the associated microbiota occurs before, during, or following the expression of 

morphological plasticity is unclear. Using the sea urchin Lytechinus variegatus, we 

compare the temporal pattern of the microbial community and how it relates to the timing 

of morphological plasticity for larvae cultured in different food concentrations. From 

prefeeding through the expression of morphological plasticity, we observed that the 

microbiota associated with L. variegatus larvae exhibit a four-stage successional pattern, 

where changes in this community shift prior to the expression of the environment-specific 

morphology. The high food treatment, which results in the short-arm phenotype, deviated 

from the microbial trajectory of larval siblings prior to measurable morphological 
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plasticity. These data suggest that a holobiont may exhibit shifts in the associated bacterial 

community corresponding with variation in the feeding environment that could occur in 

anticipation of or prior to morphological plasticity. 

 

3.1 Introduction 

As the environment ebbs and flows, animals from diverse phylogenetic lineages 

may modify phenotypic traits to better match environmental conditions (Miner, Sultan, 

Morgan, Padilla, & Relyea, 2005; Sterns, 1989; West-Eberhard, 2003). When phenotypic 

plasticity—the potential to produce a range of phenotypes from a single genotype—is 

induced and confers a fitness advantage, the response is considered adaptive and an 

evolvable trait influenced by natural selection (Miner et al., 2005; Sterns, 1989; West-

Eberhard, 2003). For morphological characters to exhibit plasticity favored by selection, 

abiotic or biotic stimuli must be reliable and detected at an appropriate time scale to elicit 

a developmental change that results in a phenotype-environment match (Levins, 1968; 

Miner et al., 2005; Padilla & Adolph, 1996). Plasticity in morphology and other life 

history characters are, thus, viewed as a product of host genotype and the environment 

(Agrawal, 2001; DeWitt, Sih, & Wilson, 1998; Miner et al., 2005; Sterns, 1989; West-

Eberhard, 2003). Recent evidence, however, suggests that phenotypic state in 

morphologically plastic species also correlates with the composition of the symbiotic 

bacterial community (Bittleston et al., 2018; Carrier & Reitzel, 2018). 

Host-associated microbial communities are fundamental to the metabolism, 

immunity, and development of the host (Gilbert, Sapp, & Tauber, 2012; McFall-Ngai et 

al., 2013; Zilber-Rosenberg & Rosenberg, 2008). Symbiotic relationships between host 
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and microbiota have deep evolutionary origins, often exhibit co-divergence over 

evolutionary time, and can be important for coping with environmental stressors (Brooks, 

Kohl, Brucker, van Opstal, & Bordenstein, 2016; Carrier & Reitzel, 2017; Kohl & Carey, 

2016; McFall-Ngai et al., 2013; Moeller et al., 2016). When faced with heterogeneous 

environments that are known to induce phenotypic plasticity, an animal may recruit, expel, 

and/or shuffle the membership and relative proportion of associated microbiota to 

assemble a community with specific functional properties (e.g., genes and metabolic 

pathways) for the environmental conditions (Bordenstein & Theis, 2015; Burke, 

Steinberg, Rusch, Kjelleberg, & Thomas, 2011; Louca et al., 2016; Roth-Schulze et al., 

2018; Zilber-Rosenberg & Rosenberg, 2008). When faced with prolonged diet restriction, 

for example, the composition and diversity of invertebrate- and vertebrate-associated 

bacterial communities shifts considerably to buffer against reduced exogenous nutrients 

(Carrier & Reitzel, 2018; Kohl, Amaya, Passement, Dearing, & McCue, 2014). 

Planktotrophic (feeding) larvae of benthic marine invertebrates inhabit coastal 

seas, where the abundance and distribution of exogenous nutrients are spatially and 

temporally heterogeneous (Olson & Olson, 1989). Several groups of planktotrophic 

larvae, including sea urchins (phylum Echinodermata), respond to heterogeneous feeding 

environments by exhibiting morphological plasticity (McAlister & Miner, 2018). To 

increase individual fitness in the face of diet restriction, larval sea urchins suppress 

development of the larval body (i.e., mid-body line) and absorb stomach tissues to allocate 

energetic resources towards the feeding structures (i.e., post-oral arms) that, in turn, 

increases the capacity to collect particulates (Hart & Strathmann, 1994; Miner, 2004; 

Sewell, 2005; Sewell, Cameron, & McArdle, 2004; Soars, Prowse, & Byrne, 2009; 



 

 

87 

Strathmann, Fenaux, & Strathmann, 1992). Moreover, morphological plasticity by 

echinoid larvae is coupled with physiological plasticity (Adams, Sewell, Angerer, & 

Angerer, 2011; Carrier, King, & Coffman, 2015; Rendleman, Rodriguez, Ohanian, & 

Pace, 2018), whereby diet restriction correlates with reduced expression of genes 

associated with growth and metabolism and higher expression of genes involved with 

neurogenesis, environmental sensing, immunity, and longevity (Carrier et al., 2015). 

Larval sea urchins associate with bacterial communities that are diverse and 

dynamic yet specific to host species (Carrier & Reitzel, 2018; Carrier & Reitzel, 2019), 

variable between populations (Carrier, Dupont, & Reitzel, 2019), and distinct from the 

environmental microbiota (Carrier et al., 2019; Carrier & Reitzel, 2018; Carrier & Reitzel, 

2019). Larval-associated bacterial communities shift over the course of embryonic 

development (Carrier & Reitzel, 2019), with disease (Carrier, Macrander, & Reitzel, 

2018) and in response to food availability (Carrier et al., 2019; Carrier & Reitzel, 2018; 

T.J. Carrier et al., 2018). Specifically, the bacterial community associated with echinoid 

larvae exhibits bi-directional shifts that correlate with phenotype (Carrier & Reitzel, 

2018). This correlation between morphological plasticity and the composition of the 

associated bacterial community, thus far, is unique to echinoid larvae, but recent data 

suggests similar responses in taxa from disparate clades (Bittleston et al., 2018; Parker & 

Brisson, 2019). What remains unclear is whether associating with a morphology-specific 

bacterial community occurs before, during, or following the expression of morphological 

plasticity. 

The expression of morphological plasticity by temperate Strongylocentrotids 

requires a multi-week stimulus (Carrier et al., 2019; Carrier & Reitzel, 2018; Hart & 
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Strathmann, 1994; Miner, 2004), which is restrictive for defining a precise temporal 

succession by the holobiont during morphological plasticity. Tropical and subtropical sea 

urchins, on the other hand, develop at a more rapid pace and may express plasticity 

following a few days of differential feeding (Boidron-Metairon, 1988; Byrne, Sewell, & 

Prowse, 2008; McEdward & Herrera, 1999). This shortened developmental window 

permits a narrow time frame for changes in morphology and associations with bacteria 

that can be studied at a finer grain than species with prolonged larval durations. Using 

Lytechinus variegatus, a subtropical/tropical sea urchin known to exhibit morphological 

plasticity following four days of differential feeding during embryonic development 

(Boidron-Metairon, 1988; McAlister, 2007; McEdward & Herrera, 1999), we define this 

temporal succession and test whether shifts in the bacterial taxa occurs before, during, or 

following a morphological response. To test this, we performed a differential feeding 

experiment on L. variegatus larvae and used amplicon sequencing to profile the larval-

associated bacterial communities from prefeeding though the expression of morphological 

plasticity. 

 

3.2 Materials and Methods 

3.2.1 Specimen collection and larval rearing 

Adult L. variegatus were collected from populations in Back Sound, North 

Carolina (NC), USA in July 2017, were transferred to the Duke University Marine 

Laboratory (Beaufort, NC) within one hour, and were maintained in flow-through aquaria.  

Within two days of collection adult sea urchins were spawned by a one to two mL 

intracoelomic injection of 0.50 M potassium chloride. Gametes from five males and five 
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females were pooled separately and the fertilization of eggs (diameter: 97.9 µm ± 1.07 

µm; Figure 1A) and larval rearing followed Strathmann (1987), with the exception that 

embryos and larvae were reared using 5.0 μm filtered seawater (FSW) to include the 

environmental microbiota. Briefly, eggs were fertilized (verified using stereomicroscope) 

using dilute sperm in 100 mL of FSW at ambient temperature and salinity (Figure S3.1). 

After fertilization, embryos were transferred to jars with 3 L of FSW (n=4; Table S1) and 

diluted to a density of eight individuals�mL-1. 

For larval feeding, monocultures of the cryptophyte Rhodomonas lens were grown 

in f/2 media at room temperature with a combination of ambient and artificial lighting for 

24 hours per day (Guillard, 1975). 

 

3.2.2 Experimental feeding and tissue collection 

At 24 hours post-fertilization, each jar of prism stage larvae was sub-divided into 

four replicates (n=16), diluted to two individuals�mL-1 in 3 L of FSW, and, at random, 

were provided growth medium-free R. lens at either 10,000, 1,000, 100, or 0 cells�mL-1 

(n=4 per diet; Table S1). For the rest of the experiment, larval cultures had daily water 

changes of 90-95% volume and R. lens was replenished to the experimental density. 

Larvae were differentially fed for five days and samples (n=100 larvae) were taken 

daily for each replicate of the four treatments. Immediately after sampling, larval samples 

were concentrated into a pellet using a microcentrifuge and the FSW was removed with a 

sterile glass pipette. Pelleted larvae were then preserved in RNAlater (Thermo Scientific, 

Massachusetts, USA) and stored at -20°C until extraction of nucleic acids. 
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3.2.3 Larval morphology 

Morphological plasticity for larval echinoids has been commonly measured as the 

relative length of post-oral arms relative to the length of the body (as measured by the 

‘mid-body line’; (Hart & Strathmann, 1994; Miner, 2004). The developmental timing for 

morphological plasticity of L. variegatus has been previously reported in multiple 

previous studies (see, Boidron-Metairon, 1988; McAlister, 2007; McEdward & Herrera, 

1999), where plasticity in larval morphology is induced following four days of differential 

feeding. To verify that our culturing resulted in morphological plasticity at this same time 

point, we sampled twenty larvae (n=20) from a single replicate of each dietary treatment 

at each time point. 

Larvae were imaged using a compound microscope (Leitz Labovert; camera: 

Olympus DP71) and morphometrics (length of larval body, MBL; post-oral arms, POA; 

and stomach area; Figure 3.1) were collected using ImageJ (v. 1.9.2; Schneider, Rasband, 

& Eliceiri, 2012). We then calculated the ratio of POA to MBL (i.e., POA:MBL) as a 

proxy for the expression of morphological plasticity (see, Miner, 2004). To test whether 

larval morphology (MBL, POA, and stomach area) differed significantly across time and 

between diets, we used a two-way analysis of variance (ANOVA, cut off p=0.05, JMP 

Pro v. 13). When statistical differences were detected, we then performed a Tukey’s post-

hoc test for pairwise comparisons. 

 

3.2.4 Assaying bacterial communities 

Total DNA was extracted from larval samples using the GeneJet Genomic DNA 

Purification Kit (Thermo Scientific), quantified using the NanoDrop 2000 UV-Vis 
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Spectrophotometer (Thermo Scientific), and diluted to 5 ng�μL-1 using RNase/DNase-

free water. 

Bacterial DNA was amplified using primers for the V3/V4 regions of the 16S 

rRNA gene (Table S2; Klindworth et al., 2013). Products were purified using the Axygen 

AxyPrep Mag PCR Clean-up Kit (Axygen Scientific), indexed via PCR using the Nextera 

XT Index Kit V2 (Illumina Inc.), and then purified again. At each of these three clean up 

states, fluorometric quantitation was performed using a Qubit (Life Technologies) and 

libraries were validated using a Bioanalyzer High Sensitivity DNA chip (Agilent 

Technologies). Illumina MiSeq sequencing (v3, 2x300 bp paired-end reads) was 

performed at the University of North Carolina at Charlotte. PCR recipe and thermal 

profiles are available in Table S2. 

 

3.2.5 Computational analysis 

Raw reads, along with quality information, were imported into QIIME 2 (v. 

2019.1; Bolyen et al., 2019), where forward and reverse reads were paired using 

VSEARCH (Rognes, Flouri, Nichols, Quince, & Mahé, 2016), filtered by quality score, 

and denoised using Deblur (Amir et al., 2017). QIIME 2-generated ‘features’ were 

grouped into operational taxonomic units (OTUs) based on a minimum 99% similarity 

and were assigned taxonomy using SILVA (v. 132; Quast et al., 2013). Sequences 

matching to Archaea as well as samples with less than 1,000 reads were discarded and the 

filtered biom table was rarified to 1,287 sequences (i.e., the read count for the sample with 

the least remaining reads; Figure S3.2). 
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To test whether community membership and composition shift over time, in 

response to food availability, and relative to morphology, we calculated unweighted and 

weighted UniFrac values (Lozupone & Knight, 2005) and compared them using principal 

coordinate analyses (PCoA). Results from these analyses were then recreated and stylized 

using QIIME 1 (v. 1.9.1; Caporaso et al., 2010) and Adobe Illustrator CC. To test for 

differences in membership and composition over the course of the differential feeding 

experiment, we used a two-way PERMANOVA and, subsequently, performed pairwise 

comparisons. To complement UniFrac values, we also calculated several measures of 

alpha diversity (i.e., total OTUs, phylogenetic distance, McIntosh evenness, and McIntosh 

dominance) over time and across diets, and compared these values with a two-way 

analysis of variance (ANOVA) and, subsequently, performed by a Tukey’s post-hoc test 

for pairwise comparisons between diets and times. Lastly, we summarized the bacterial 

groups associated with L. variegatus larvae and determine which differ with diet and time 

using a two-way ANOVA.  

The QIIME2 pipeline used to convert raw reads to OTUs for visualization of this 

data is presented in detail in Note S1, and the raw sequence reads as part of this dataset 

are available on the Dryad Digital Repository. 

 

3.3 Results 

Prior to differential feeding, prism-stage L. variegatus larvae associated with a 

bacterial community that was significantly different in membership and composition from 

all later larval stages (Figure 3.2; Tables S3-4). As prefeeding larvae, the associated 

microbiota consisted of fewer OTUs (~135 ± 5) from a phylogenetically restricted 
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community that was less taxonomically dominant (i.e., more even) than the bacterial 

community at each subsequent day (Figure 3.3A-B, Figure S3.3). 

Following one day of development and differential feeding, L. variegatus larvae 

from each diet developed into two-arm larvae (Table S5). Between these feeding 

treatments, larvae fed 10,000 and 0 cells�mL-1 had significantly lower POA:MBL than 

those fed 1,000 and 100 cells�mL-1 (Figure 3.1B; Tables S6). The membership, 

composition, phylogenetic diversity, and community evenness of the larval-associated 

bacterial community was, however, not significantly different across feeding regimes 

(Figures 3.2-3.4, S3.3; Table S7) while total OTUs and community dominance varied 

slightly between dietary treatments (Figures 3.2-3.4, S3.3; Table S7). 

A second day of differential feeding resulted in more rapid development for larvae 

in the highest food concentration: larvae fed 10,000 cells�mL-1 were four-arm larvae while 

those fed 1,000, 100, and 0 cells�mL-1 were still two-arm larvae (Tables S5). Despite this 

difference in developmental stage, larvae fed 10,000 and 1,000 cells�mL-1 had a similar 

POA:MBL, which was significantly lower than those fed 100 and 0 cells�mL-1 (Figures 

3.1; Tables S6). Dietary treatments also resulted in differences in the bacterial 

communities, where algal concentrations correlated with diet-specific bacterial 

communities in both membership and composition (Figures 3.2, 3.4; Tables S3-4). These 

community-level differences resulted in larval-associated microbiota with more OTUs 

and a higher phylogenetic diversity but similar community evenness and dominance 

(Figures 3.3A-B, S3.3; Table S7). Of the dietary treatments, larvae fed 100 cells�mL-1 

were the most diverse while those fed 10,000 and 1,000 cells�mL-1 were the least diverse 

(Figure 3.3A-B, S3.3; Table S7).  
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Independent of diet quantity, L. variegatus larvae from each algal concentration at 

day three were four-armed and had statistically similar POA:MBL (Figure 3.1; Table S5, 

S6). Despite being developmentally and morphologically similar, the membership and 

composition of the associated bacterial communities were significantly different across 

diets (Figures 3.2, 3.4; Tables S3-4). Specifically, larvae fed 1,000, 100, and 0 cells�mL-

1 were similar to each other but distinct from those fed 10,000 cells�mL-1 (Figure 3.2, 3.4; 

Tables S3-4). Between days two and three, larvae fed 1,000, 100, and 0 cells�mL-1 

maintained a bacterial community with a similar number of total OTUs and phylogenetic 

diversity (Figures 3.3, S3.3; Tables S7-8). Between these same timepoints, larvae fed 

10,000 cells�mL-1 exhibited a reduction in total OTUs and phylogenetic diversity that 

resulted in a more even and less taxonomically dominant community (Figures 3.3, S3.3; 

Table S7).  

As expected based on previous literature for L. variegatus (Boidron-Metairon, 

1988; McAlister, 2007; McEdward & Herrera, 1999), morphological plasticity was 

observed on the fourth day of differential feeding (Figure 3.1; Tables S5, S6), where larvae 

fed 1,000, 100, and 0 cells�mL-1 had a higher POA:MBL (i.e., post-oral arms relative to 

the larval body) than those fed 10,000 cells�mL-1. Like the day prior, larvae fed 1,000, 

100, and 0 cells�mL-1 associated with bacterial communities that were similar in 

membership and composition but statistically different from larvae fed 10,000 cells�mL-

1 (Figure 3.2, 3.4; Tables S3-4). On the day that morphological plasticity was expressed 

by the larval host, the number of OTUs and the phylogenetic diversity of that taxa were 

similar for larvae fed 1,000, 100, and 0 cells�mL-1 (Figure 3.3; Table S7). Larvae fed 
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10,000 cells�mL-1, however, continued to associate with a community that was less 

taxonomically and phylogenetically rich as well as more even and less dominant. 

Consistent with the previous day (i.e., day 4 of differential feeding), L. variegatus 

larvae maintained different phenotypes with respect to POA:MBL rations, where larvae 

fed 1,000, 100, and 0 cells�mL-1 were larger than those fed 10,000 cells�mL-1 (Figure 3.1; 

Table S5-6). On fifth day of differential feeding, patterns of community membership and 

composition (Figures 3.2, 3.4; Tables S3-4) as well as total OTUs, phylogenetic distance, 

evenness, and dominance all reflected the differences observed in larval morphology 

(Figure 3.3; Table S7). Specifically, larvae fed 1,000, 100, and 0 cells�mL-1 associated 

with statistically similar numbers of total OTUs and phylogenetic diversity that were 

significantly more diverse than larvae fed 10,000 cells�mL-1 (Figure 3.3; Table S9). 

L. variegatus larvae associated with bacterial communities that differed 

significantly between each timepoint (Figure 3.2; Table S9). Over the course of this 

development period, L. variegatus larvae primarily associated with three Bacteroidetes 

(23.5%) families and eleven Proteobacteria (64.0%) families (Figure S3.4). When 

morphological plasticity was expressed and reflective patterns were observed in the 

bacterial communities (i.e., days 3-5 of differential feeding), we observed that the 

abundance of all 14 bacterial families from Bacteroidetes and Proteobacteria differed 

significantly with time while 11 of these 14 bacterial families differed across diets (Table 

S10). Moreover, we observed that the abundance of a- and g-proteobacteria were 

inversely proportional (Figure 3.3C, S3.4; Table S11), such that a-proteobacteria 

increased and g-proteobacteria decreased following the expression of morphological 

plasticity. 
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Across the same three days, larvae fed 10,000 cells�mL-1 stably associated with 

114 OTUs (43.7%) while 16-40 OTUs (6.1-17.6%) were specific to a single day and 19-

34 OTUs (7.3-13.0%) were shared between successive days (Figure 3.3). Larvae fed 

1,000, 100, and 0 cells�mL-1, on the other hand, stably associated with an average of 190 

OTUs (56.6%) while 15-19 OTUs (4.5-5.7%) were specific to a single day and 36-39 

OTUs (10.7-11.6%) were shared between successive days (Figure 3.3). Despite the shifts 

in community membership, the larval stages of L. variegatus maintained a 'core' of 31 

OTUs from the Bacteroidetes (12.9%), Epsilonbacteraeota (3.2%), and Proteobacteria 

(83.9%). 

 

3.4 Discussion 

Morphological plasticity is an adaptive response to heterogenous environments 

when a fitness advantage results relative to an individual with no response (Miner et al., 

2005; Sterns, 1989; West-Eberhard, 2003). Larval sea urchins, in particular, are 

hypothesized to increase individual fitness in dilute feeding environments by elongating 

their feeding structure that, in turn, allows for a greater capacity to filter particulates and 

reduce development time (Boidron-Metairon, 1988; Byrne et al., 2008; Hart & 

Strathmann, 1994; McAlister & Miner, 2018; Miner, 2004; Soars et al., 2009). 

Morphological plasticity for larval sea urchins is also coupled with significant shifts in the 

associated bacterial community (Carrier et al., 2019; Carrier & Reitzel, 2018). The timing 

of the expression of morphological plasticity and associating with a phenotype-specific 

bacterial community, however, had previously remained unclear. 
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Daily profiling of the bacterial communities associated with L. variegatus larvae 

over the course of early development and through the expression of morphological 

plasticity supports three primary findings. First, based on our sampling points, we 

observed that a four-stage pattern is followed as larvae transition from a shared to a 

phenotype-specific bacterial community (Figure 3.4). Second, the relatedness of the 

larval-associated bacterial community matches morphological plasticity and does so prior 

to the expression of the phenotype. Third, relatedness of the bacterial communities prior 

to and following the expression of morphological plasticity implies that the composition 

and structure of early-stage larvae is maintained by the long-arm larval holobionts while 

the short-arm morphology deviates from the developmental trajectory. 

From the initiation of differential feeding through the expression of morphological 

plasticity and associating with phenotype-specific bacterial communities, we observed 

four specific ‘Stages’ for L. variegatus larvae (Figure 3.4). First, ‘Stage 1’ followed one-

day of differential feeding where the bacterial communities across diets were similar in 

membership and composition. Second, ‘Stage 2’ followed two-days of differential feeding 

where the membership and composition of the larval-associated bacterial communities 

were diet-specific. Third, ‘Stage 3’ was observed after three-days of differential feeding, 

where the membership and composition of the larval-associated bacterial communities 

that were separated between high food availability and all other diet-restricted treatments, 

although the morphologies remained statistically indistinguishable. Lastly, ‘Stage 4’ was 

observed following four- and five-days of differential feeding and was where the 

relatedness of the bacterial communities correlated with morphological plasticity. 



 

 

98 

The expression of morphological plasticity by temperate Strongylocentrotids 

(Carrier & Reitzel, 2018) show similar ‘Stages’ to the patterns observed with 

subtropical/tropical L. variegatus larvae. Specifically, over four weeks of differential 

feeding for Strongylocentrotids, it was observed that these larvae exhibit ‘Stages 1, 2, and 

4’ (Carrier & Reitzel, 2018). The temporal pattern of these ‘Stages’ was, however, unclear 

due to the long time periods between samples. Timing by L. variegatus larvae provides a 

fine grain temporal organization to compare with Strongylocentrotid larvae as well as 

implies another stage that was potentially missed. Similarly, differential feeding of a larval 

sea star (Acanthaster sp.) showed both ‘Stages 1 and 2’ (Carrier et al., 2018), which 

suggests that these ‘Stages’ may be broadly conserved in these two distinct classes 

(Echinoidea and Asteroidea). Consistent observation of these stages across species may 

imply that these four ‘Stages’ (Figure 4) are common for echinoderm larvae. Whether 

these ‘Stages’ are observed for other taxonomic Classes known to also exhibit 

morphological plasticity (e.g., Ophiuroidea and Holothuroidea; Podolsky & McAlister, 

2005; Sun & Li, 2013) is unknown but merits testing.  

Time lags between experiencing and responding to an environmental stimulus are 

common, potentially advantageous, and hypothesized to be under strong selection for 

species expressing morphological plasticity (Levins, 1968; Padilla & Adolph, 1996). For 

plasticity to be advantageous, time lags must be short relative to the time scale of the 

environmental variant but long enough to minimize false-positive expression (Levins, 

1968; Padilla & Adolph, 1996; Palumbi, 1984). When faced with fine grain variability in 

food abundance, L. variegatus larvae are unable to match phenotype with feeding 

environment, as the lag for morphological responses exceeds two days (Miner & Vonesh, 



 

 

99 

2004). Despite a multi-day time lag, L. variegatus larvae are capable of associating with 

bacterial communities reflective of morphological plasticity prior to measurable evidence 

of the morphological trait. This, in principle, implies that instances where a time lag 

exceeds the morphological response (e.g., Miner & Vonesh, 2004), a holobiont may 

exhibit shifts in the associated bacterial community corresponding with the environmental 

variation in absence or preceding a morphological response. The expression of 

morphological plasticity also comes with the inherent energetic cost of producing and 

maintaining an alternate phenotype (DeWitt et al., 1998); thus, shifts in the bacterial 

community may be energetically favored over morphological plasticity in heterogenous 

environments. 

Provided the substantial energetic requirement for planktotrophic echinoids to 

undergo larval development (Mileikovsky, 1971), laboratory culturing has traditionally 

simulated conditions equivalent to phytoplankton blooms. This has instilled the general 

idea that morphological plasticity requires food deprivation and plasticity is the elongation 

of the feeding apparatus (McAlister & Miner, 2018; McEdward & Herrera, 1999; Miner, 

2004). Field culturing, however, suggests the opposite; echinoid larvae are naturally food-

limited (Fenaux, Strathmann, & Strathmann, 1994; Olson & Olson, 1989; Pauley, Boring, 

& Strathmann, 1985) and ‘plasticity’ is shortening the larval arm and expanding stomach 

volume in response to uncommon food-rich environments (Miner, 2004). The molecular 

mechanisms underlying morphological plasticity have suggested that algal 

chemosensations inhibit growth of the larval arms (Adams et al., 2011) and, thus, the long-

arm phenotype would likely be the default under natural conditions. 
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Following the expression of morphological plasticity, the membership, 

composition, and structure of the bacterial communities associated with long-arm L. 

variegatus larvae mirrored larval siblings prior to plasticity. Simultaneously, the 

membership and composition of the bacterial communities associated with short-arm L. 

variegatus larvae differed significantly from both pre-plasticity and long-arm siblings. 

This community shift followed a reduction in total and short-arm-specific OTUs and 

phylogenetic diversity of a more even and less dominant community. This implies that 

well-fed (or short-arm) larvae deviate from the microbial trajectory of L. variegatus larvae 

having yet to express plasticity and that the associated bacterial community may play a 

role in regulating the short-arm phenotype. 

Taken together, the data presented here suggests: (i) that phenotype-specific 

bacterial communities for larval L. variegatus follow a four-stage progression (Figure 4); 

(ii) that shift in bacterial taxa precedes morphological plasticity and occur during the time 

lag; and (iii) that the bacterial communities associated with the long-arm phenotype is 

most similar to pre-plasticity larval siblings and the short-arm phenotype correlates with 

a restructuring of the bacterial community. Determining if and how this community 

contributes to larval fitness during before, during, and following the expression of 

morphological plasticity merits future investigation and would require multi-omic 

comparisons (Williams & Carrier, 2018) between axenic and germ-rich siblings (e.g., 

Bates et al., 2006; Manahan, Davis, & Stephens, 1993; Smith, McCoy, & Macpherson, 

2007) as well as add-back experiments of individual bacterial taxa (e.g., Fraune et al., 

2015; Murillo-Rincon et al., 2017; Wein et al., 2018). 
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Figure 3.1. Egg size and morphometrics of Lytechinus variegatus larvae. (A) Mean egg 
diameter (± standard error) of unfertilized eggs. (B) Post-oral arm to mid body line ratio 
and (C) stomach volume (± standard error) of larvae having been fed either 10,000 (dark 
green), 1,000 (medium green), 100 (light green), and 0 cells�mL-1 (white) of the 
cryptophyte Rhodomonas lens over the course of five days. 
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Figure 3.2. Dietary and temporal shifts in the bacterial community associated with 
Lytechinus variegatus larvae. Community similarity of L. variegatus larval-associated 
bacterial communities based on food availability (10,000, 1,000, 100, and 0 cells�mL-1 of 
a phytoplankton represented by blue, red, green and purple, respectively) over a multi-day 
exposure (prefeeding were yellow-circles while day 1, 2, 3, 4, and 5 were represented by 
a square, rightward triangle, upward triangle, leftward triangle, and downward triangle, 
respectively). Comparisons between food availability and over time are based on 
unweighted (left) and weighted (right) UniFrac values. 
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Figure 3.3. Changes to the bacterial community associated with Lytechinus variegatus 
larvae. (A) Enumeration of operational taxonomic units (OTUs) and phylogenetic distance 
of those OTUs for L. variegatus larvae from prefeeding through five days of feeding on 
either (10,000, 1,000, 100, and 0 cells�mL-1 of a phytoplankton represented by blue, red, 
green and purple, respectively). (B) Percent of total bacterial OTUs for L. variegatus 
larvae from either of the larval phenotypes, and the (C) total sequences (from the rarefied 
table) of a- and g-proteobacteria for these time points and diets. 
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Figure 3.4. Visual model of the larval phenotypes and bacterial community during 
morphological plasticity. Visual model representation of morphological plasticity for 
echinoid larvae and the four successive stages towards associations with a phenotype-
specific bacterial community. From the initiation of differential feeding through the 
expression of morphological plasticity and associating with phenotype-specific bacterial 
communities, we observed four ‘Stages’ (or phenotype-microbial community pairs) for 
Lytechinus variegatus. First, 'Stage 1' (or 'common community') was where the bacterial 
communities across diets were similar in membership and composition. Second, ‘Stage 2’ 
(or 'diet-specific') was where the membership and composition of the larval-associated 
bacterial communities were specific to food availability. Third, ‘Stage 3’ (or 
'morphologically reflective') was where the membership and composition of the larval-
associated bacterial communities reflected the two larval phenotypes while the host had 
yet to express these phenotypes. Lastly, ‘Stage 4’ (or 'morphologically correlative') was 
where the relatedness of the bacterial communities correlated with the expression of 
morphological plasticity. 
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Figure S3.1. in situ measurements of sea surface temperature at the Duke University 
Marine Laboratory. Sea surface temperature at Beaufort, NC (NOAA station, BFTN7) for 
the entirety of larval experimentation (13-19 July 2017). 
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Figure S3.2. Alpha rarefaction curve for Lytechinus variegatus larvae. Alpha rarefaction 
curve for the associated bacteria with for L. variegatus from prefeeding through five days 
of feeding on either 10,000, 1,000, 100, and 0 cells�mL-1 of a phytoplankton based on the 
rarefaction depth (1,287 sequences) used for all analyses. 
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Figure S3.3. Changes in alpha diversity metrics to the bacterial community associated 
with Lytechinus variegatus larvae. Evenness and dominance of bacterial taxa for L. 
variegatus larvae from prefeeding through five days of feeding on either 10,000, 1,000, 
100, and 0 cells�mL-1 of a phytoplankton (represented by blue, red, green and purple, 
respectively). 
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Figure S3.4. Bacterial taxa associated with differentially fed Lytechinus variegatus larvae. 
Bacterial family associated with L. variegatus larvae fed either fed either 10,000, 1,000, 
100, or 0 cells mL-1 over the course of five days of differential feeding. 
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Abstract 

Determining the factors underlying the assembly, structure, and diversity of 

symbiont communities remains a focal point of animal-microbiome research. Much of 

these efforts focus on taxonomic variation of microbiota within or between animal 

populations, but rarely test the proportional impacts of ecological components that may 

affect animal-associated microbiota. Using larvae from the sea urchin Strongylocentrotus 

droebachiensis from the Atlantic and Pacific Oceans, we test the hypothesis that, under 

natural conditions, inter-population differences in the composition of larval-associated 

bacterial communities are larger than intra-population variation due to a heterogeneous 

feeding environment. Despite significant differences in bacterial community structure 

within each S. droebachiensis larval population based on food availability, development, 

phenotype, and time, variation in OTU membership and community composition 

correlated more strongly with geographic location. Moreover, 20-30% of OTUs 

associated with larvae were specific to a single location while less than 10% were shared. 
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Taken together, these results suggest that inter-populational variation in symbiont 

communities may be more pronounced than intra-populational variation, and that this 

difference may suggest that broad scale ecological variables (e.g., across ocean basins) 

may mask smaller scale ecological variables (e.g., food availability). 

 

4.1 Introduction 

Acclimating to environmental variability through morphological, developmental, 

and/or physiological plasticity is a common trait of animals (Boidron-Metairon, 1988; 

Bradshaw, 1965; DeWitt, Sih, & Wilson, 1998; Miner, Sultan, Morgan, Padilla, & Relyea, 

2005; Schlichting & Smith, 2002; Sterns, 1989; West-Eberhard, 2003). Over the past 

decade, the appreciation for the role that animal-associated microbiota play in responding 

to environmental stressors has grown profoundly (Apprill, 2017; Carrier & Reitzel, 2017, 

2018; Kohl & Carey, 2016; Macke, Tasiemski, Massol, Callens, & Decaestecker, 2016; 

Shapira, 2016; Theis et al., 2016). When experiencing heterogeneous environments, an 

animal may recruit, expel, and/or shuffle the relative proportion of associated microbiota 

(Bordenstein & Theis, 2015; Zilber-Rosenberg & Rosenberg, 2008), resulting in a 

community with particular molecular pathways for the environmental conditions (Burke, 

Steinberg, Rusch, Kjelleberg, & Thomas, 2011; Louca et al., 2016; Roth-Schulze, Pintado, 

Zozaya-Valdés, et al., 2018). 

Microbial communities associated with animals often vary in response to a 

multitude of abiotic and biotic factors, including temperature, salinity, diet quality and 

quantity, season, and habitat-type (see reviews by Carrier & Reitzel, 2017; Kohl & Carey, 

2016). Of these, dietary responses are best studied and shown to have a significant impact 
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on the composition and function of this community (David et al., 2014; K. D. Kohl & 

Dearing, 2012; Rosenberg & Zilber-Rosenberg, 2016; Sonnenburg et al., 2016). When 

experiencing a prolonged restriction in food availability, the composition and diversity of 

microbiota associated with both invertebrate and vertebrate hosts shift considerably 

(Carrier & Reitzel, 2018; Kohl, Amaya, Passement, Dearing, & McCue, 2014), a response 

hypothesized to buffer against reduced exogenous nutrients. 

Microbial communities associated with animals are also species-specific (e.g., 

Carrier & Reitzel, 2018; Fraune & Bosch, 2007; Schmitt et al., 2012) and taxonomically 

variable across the geographical distribution of the host (Dishaw et al., 2014; Huang, 

Chang, Huang, Gao, & Liao, 2018; Llewellyn et al., 2016; Marino, Pawlik, López-

Legentil, & Erwin, 2017; Marzinelli et al., 2015; Mortzfeld et al., 2015). Population-

specific microbial communities are partially dependent on environmental conditions 

(Pantos, Bongaerts, Dennis, Tyson, & Hoegh-Guldberg, 2015) and dispersal limitations 

(Moeller et al., 2017). Despite this taxonomic variation, microbial communities can 

remain functionally similar due to shared genes across bacterial taxa (Louca et al., 2018; 

Roth-Schulze, Pintado, Zozaya-Valdés, et al., 2018). The microbial communities of the 

bromeliad Aechmea nudicaulis, for example, are taxonomically dynamic but, as a 

community, are functionally consistent between individuals (Louca et al., 2016). 

Similarly, the bacterial community associated with the green alga Ulva spp. are too 

spatially and temporally variable to define a ‘core’ community; however, nearly 70% of 

the microbial genes are conserved across the broad geographic distribution of Ulva spp. 

(Roth-Schulze, Pintado, Zozaya‐Valdés, et al., 2018). 
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Efforts to classify the principles underlying the assembly of host-associated 

microbial communities have primarily been within (e.g., Carrier & Reitzel, 2018; Carrier 

et al., 2018; David et al., 2014; Lokmer & Wegner, 2015; Webster, Botte, Soo, & Whalan, 

2011; Webster, Soo, Cobb, & Negri, 2011) or between (e.g., Dishaw et al., 2014; Huang 

et al., 2018; Llewellyn et al., 2016; Marino et al., 2017; Marzinelli et al., 2015; Mortzfeld 

et al., 2015; Yatsunenko et al., 2012) populations (but see Webster, Consuegra, Hitchings, 

& de Leaniz, 2018). Despite the known effects of host and environmental factors on 

symbiont community composition, the relevance of each factor on community assembly 

and structure is lesser known. The fields of sensory, behavioral, and circadian biology 

have shown that organismal responses to ecological variables are unequal and may be 

masked based on their spatiotemporal scale (Beauchard, Veríssimo, Queirós, & Herman, 

2017; Hodin, Ferner, Heyland, & Gaylord, 2017; Kerr & Kemp, In Press; Li et al., 2018; 

Yang et al., 2018). Factors within and between populations in distinct geographic 

locations, therefore, may have differential impacts on the composition of host-associated 

microbiota.  

Planktotrophic (feeding) larvae are one biological system to compare ecological 

components and how these factors influence the composition of animal-associated 

microbiota. Many planktotrophic larvae (e.g., the pluteus of sea urchins) inhabit 

heterogeneous nutritional environments and are morphologically and physiologically 

plastic in response to food availability (Adams, Sewell, Angerer, & Angerer, 2011; 

Boidron-Metairon, 1988; Byrne, Sewell, & Prowse, 2008; Carrier, King, & Coffman, 

2015; Hart & Strathmann, 1994; McAlister & Miner, 2018; B.G. Miner, 2004; B. G. 

Miner, 2011; Soars, Prowse, & Byrne, 2009). Larvae of the echinoid Strongylocentrotus 
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droebachiensis, for example, associate with phenotype-, diet-, and developmental stage-

specific bacterial communities (Carrier & Reitzel, 2018; Carrier & Reitzel, 2019). S. 

droebachiensis has an Arctic-boreal distribution composed of multiple ocean basins with 

limited gene flow (Addison & Hart, 2004, 2005; Scheibling & Hatcher, 2013) and 

evidence for potential local adaptation (Manier & Palumbi, 2008; Marks, Biermann, 

Eanes, & Kryvi, 2008). 

Using the circumpolar distribution of S. droebachiensis and the ability of their 

larvae to acclimate to heterogeneous feeding environments, we test the hypothesis that, 

under natural conditions, inter-population differences in the composition of animal-

associated bacterial communities are more pronounced than intra-population variation. To 

test this, we performed differential feeding experiments on S. droebachiensis larvae from 

three locations—one in the Pacific and two in the Atlantic (Fig. 4.1)—and used amplicon 

sequencing to profile the larval-associated bacterial communities.  

 

4.2 Materials and Methods 

4.2.1 Adult urchin collection and larval rearing 

Adult S. droebachiensis were collected from populations in the North Sea in 

March 2015, the Salish Sea in April 2016, and the Gulf of Maine in February 2017 (Fig. 

4.1). Individuals from the North Sea were collected by divers in Drøbak, Norway (59°39’ 

N, 10°37’ E) and transported in cold, aerated seawater to the Sven Lovén Centre for 

Marine Infrastructure (Kristineberg, Sweden). Urchins were maintained in raw seawater 

and, to sustain a natural diet, were fed ad libitum on a live mix of Ulva lactuca and 

Laminaria spp. collected from the Kristineberg shoreline. Urchins from the Salish Sea 
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were hand-collected at low tide at Cattle Point, San Juan Island, USA (48°27' N, 122°57' 

W), transferred to the Friday Harbor Laboratories (FHL; Friday Harbor, WA, USA) within 

one hour, suspended in sub-tidal cages off the dock at FHL, and fed Nereocystis spp. ad 

libitum. Lastly, individuals from the Gulf of Maine were collected by divers in Frenchman 

Bay, Maine (44°25' N 68°12' W), shipped overnight to the Darling Marine Center 

(Walpole, ME, USA), and were maintained in flow-through aquaria and fed Saccharina 

latissima ad libitum. 

Within two weeks of collections, adult urchins were spawned by a one to two mL 

intracoelomic injection of 0.50 M potassium chloride. For each population, gametes from 

three males and females were pooled separately. For experiments at each location, we 

used ambient, 5.0-μm filtered seawater (FSW) (see, Fig. S4.1) to avoid artificial stress on 

the host and microbiota that may occur if cultured under identical conditions (e.g., 

temperature and salinity). Specifically, the ambient conditions during these larval 

culturing experiments differed between locations, with the North Sea, Gulf of Maine, and 

Salish Sea being the coolest (3.8 ± 0.9 °C), intermediate (7.9 ± 0.5 °C), and warmest (10.5 

± 0.2 °C), respectively, and, based on available buoy data, the Gulf of Maine and North 

Sea were less (29.7 ± 0.2 PSU) and more saline (32.5 ± 0.5 PSU), respectively (see, Fig. 

S4.1). 

The fertilization of eggs and larval rearing followed Strathmann (1987), whereby 

eggs were fertilized (as verified using stereomicroscope) in 100 mL of FSW under 

ambient conditions. Seawater was decanted two hours post-fertilization to remove excess 

sperm, and embryos were then transferred to four 3 L jars and diluted to a density of six 
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individuals�mL-1. Larval cultures were subsequently diluted to one larva per two mL at 

advanced developmental stages and were given 90-95% water changes every other day.  

Beginning at the prism stage, larvae were provided monocultures of Rhodomonas 

lens, which was replenished during each water change and was set to the respective 

feeding concentrations. R. lens was cultured at room temperature in f/2 media with a 

combination of ambient and artificial lighting for 24 hours per day (Guillard, 1975). The 

f/2 growth media used for algal growth was removed prior to introduction to larval 

cultures by centrifugation of algae into pellets followed by resuspension in FSW. 

 

4.2.2 Experimental feeding and larval morphometrics 

At 48 hours post-fertilization, prism-stage larvae for each population were divided 

into twelve replicate jars (with a larval density of two individuals�mL-1) that were sub-

divided into four experimental feeding treatments: 10,000, 1,000, 100, or 0 cells�mL-1 of 

R. lens. For each of the four-week experiments, larvae fed 10,000 cells�mL-1 were reared 

through metamorphosis while diet-restricted (1,000 and 100 cells�mL-1) and unfed larvae 

were cultured until developmental stasis (Table S1). Larvae (n=100) from each replicate 

for each treatment were sampled weekly. Immediately after sampling, larval samples were 

concentrated into a pellet using a microcentrifuge, the FSW was removed with a sterile 

glass pipette, and pelleted larvae were then preserved in RNAlater (Thermo Scientific, 

Massachusetts, USA) and stored at -20 °C before DNA extractions. 

Complementary to sampling S. droebachiensis larvae, the environmental 

microbiota from the seawater was also sampled. When larval cultures were sampled, 

triplicate ~1-L of 5.0 μm FSW was filtered onto a 0.22-µm Millipore filter to retain the 
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environmental microbiota. Full filter disks were then preserved in RNAlater and stored at 

-20 °C before DNA extractions. 

In addition to sampling larvae to assay the associated bacterial communities, 

twenty larvae (n=20) from a single replicate of each dietary treatment were sampled for 

morphometric analysis. Larvae were imaged using a compound microscope (Salish Sea: 

Nikon Eclipse E600; camera: QImaging MicroPublisher 5.0 RTV; Gulf of Maine: Zeiss 

Primo Star HD digital microscope; North Sea: Leica stereomicroscope) and 

morphometrics (length of larval body, post-oral arms, and stomach area; Figs. 4.2, S4.2-

4.3) were performed using ImageJ (v. 1.9.2; Schneider, Rasband, & Eliceiri, 2012). 

Statistical differences (where p<0.05) in larval morphology and stomach volume were 

compared using two separate tests. First, a one-way analysis of variance (ANOVA; JMP 

Pro v. 13) was used to test whether larval morphology differed between populations, 

which was followed by a Tukey’s post-hoc test for pairwise comparisons between 

populations. Second, a two-way ANOVA was used to test for differences over time and 

across feeding conditions, and a linear contrast analysis was used to compare variation for 

each diet and time point. 

 

4.2.3 Assaying microbial communities 

Total DNA was extracted from larval samples using the GeneJet Genomic DNA 

Purification Kit (Thermo Scientific, Massachusetts, USA). For FSW samples, eDNA was 

extracted using the FastDNA Spin Kit for Soil (MP Biomedical, Illkirch, France). DNA 

was then quantified using the NanoDrop 2000 UV-Vis Spectrophotometer (Thermo 

Scientific, Massachusetts, USA) and diluted to 5 ng�μL-1 using RNase/DNase-free water. 
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Bacterial sequences were amplified using universal primers for the V3/V4 regions 

of the 16S rRNA gene (Forward: 5′ CCTACGGGNGGCWGCAG, Reverse: 5′ 

GACTACHVGGGTATCTAATCC; Klindworth et al., 2013). The ~450 bp product were 

purified using the Axygen AxyPrep Mag PCR Clean-up Kit (Axygen Scientific, New 

York, USA), indexed via PCR using the Nextera XT Index Kit V2 (Illumina, California, 

USA), and then purified again. At each of these three steps, fluorometric quantitation was 

performed using a Qubit (Life Technologies, California, USA) and libraries were 

validated using a Bioanalyzer High Sensitivity DNA chip (Agilent Technologies, 

California, USA). Illumina MiSeq sequencing (v3, 2x300 bp paired-end reads) was 

performed at the University of North Carolina at Charlotte. See, Table S2 for PCR recipe 

and thermal profiles. 

Forward and reverse sequences (that are freely available on the Dryad Digital 

Repository) were paired and trimmed using PEAR (Zhang, Kobert, Flouri, & Stamatakis, 

2014) and Trimmomatic (Bolger, Lohse, & Usadel, 2014), respectively, and converted 

from fastq to fasta (see, Note S1). Chimeric sequences were then detected using 

USEARCH (Edgar, Haas, Clemente, Quince, & Knight, 2011) and removed using 

filter_fasta.py prior to analysis of bacterial 16S rRNA sequences. Using QIIME 1.9.1 

(Caporaso et al., 2010) and Greengenes (v. 13.5), bacterial 16S rRNA sequences were 

analyzed and grouped into operational taxonomic units (OTUs) based on a minimum 97% 

similarity. The biom table generated by pick_open_reference_otus.py was filtered of 

OTUs with ten or less sequences as well as sequences matching the cryptophytes (i.e., R. 

lens; as per Carrier & Reitzel, 2018). 
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Using the filtered biom table and “biom summarize-table” to count total sequences 

per sample, the rarefaction depth of 3,193 reads was determined and applied to all 

subsequent analyses (Fig. S4.4). Alpha diversity (i.e., Fisher’s alpha, Shannon 

equitability, Faith’s phylogenetic distance, and observed OTUs) was calculated using 

alpha_diversity.py and compared statistically using one-way ANOVAs in JMP. Beta 

diversity was calculated using the unweighted and weighted UniFrac (Lozupone & 

Knight, 2005) as part of jackknifed_beta_diversity.py. These values were compared using 

principal coordinate analyses (PCoA), recreated using make_2d_plots.py, and stylized for 

presentation in Adobe Illustrator CS6. Community similarity across phenotypes, dietary 

states, developmental stages, and biogeography were compared statistically using an 

analysis of similarity (ANOSIM), permutational multivariate analysis of variance using 

distance matrices (ADONIS), and permutational multivariate analysis of variance 

(PERMANOVA) using compare_categories.py. Shared OTUs between urchin 

populations were determined using compute_core_microbiome.py and 

shared_phylotypes.py. Average bacterial community for each urchin population as well 

as across populations and the shared community was generated using 

summarize_taxa_through_plots.py, visualized with Prism 7 (GraphPad Software), and 

stylized for presentation in Adobe Illustrator CS6. 

A step-by-step listing of QIIME scripts used to convert raw reads to OTUs for 

visualization of these data is located in Note S1. 

 

4.3 Results 

4.3.1 Morphological plasticity of larval sea urchin 
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Diet-induced morphological plasticity was observed for S. droebachiensis larvae 

from each location (Figs. S4.2-4.3; Tables S3-4), where the extent and direction of 

expression was location-specific (ANOVA, p<0.0001; Fig. 4.2). Diet-restricted larvae 

from the Salish Sea and Gulf of Maine, in general, exhibited a higher post-oral arm to 

mid-body line ratio than ad libitum counterparts (ANOVA, p<0.0001; Figs. S4.2-4.3; 

Tables S3-4), even though analyses of Gulf of Maine larvae were partially confounded by 

developmental stage (Table S1). Larvae from the North Sea, however, exhibited the 

opposite response: ad libitum feeding induced a higher post-oral arm to mid-body line 

ratio than diet-restricted individuals (ANOVA, p<0.0001; Fig. S4.2-4.3; Tables S3-4). 

 

4.3.2 Comparisons of bacterial communities within populations 

S. droebachiensis larvae cultured at each location associated with a diet-specific 

bacterial community (Figs. 4.3A-C, S4.5-4.8; Table S6). Larvae from the Salish Sea and 

Gulf of Maine exhibited similar diet-specific community-level patterns in both alpha- and 

beta-diversity (Figs. 4.3A-B, S4.5-4.8; Table S6), where the bacterial community 

associated with food restricted larvae were more similar to each other than to well-fed 

counterparts. Larvae from the North Sea, on the other hand, exhibited the opposite 

response (Figs. 4.3C, S4.5, S4.8; Table S6), where diet-specific bacterial communities 

were observed (Table S6) except that all food concentrations were more similar to each 

other than to starved larvae (Fig. S4.8; Table S6). 

The bacterial communities associated with larvae from each sea urchin population 

also varied temporally in both alpha- and beta-diversity (Figs. 4.3D-F, S4.5, S4.9-4.11; 

Table S6). Temporal changes in community diversity (i.e., alpha-diversity) were reflective 
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of culturing environment: bacteria associated with larvae from the Atlantic Ocean 

increased in weeks one through three and declined in week four while those from the 

Pacific Ocean decreased in the first three weeks and increased in week four (Table S5). 

Compositional changes (i.e., beta-diversity) in the associated bacterial communities for 

each larval population, on the other hand, experienced similar time-dependent shifts from 

week one though four (Figs. 4.3D-F, S4.5).  

Complementary to dietary and temporal shifts in community structure and 

composition, larval-associated bacterial communities for S. droebachiensis varied 

significantly with larval morphology (Fig. S4.12; Table S7) and developmental stage 

(Figs. S4.9-4.11; Table S7). Variation in the larval-associated bacterial communities 

across food availability, time, morphology, and development, however, appeared to not 

co-depend on the bacterial taxa observed in the seawater, as the composition of larval-

associated and environmental microbiota were significantly different (Fig. S4.13; Table 

S7). 

 

4.3.3 Population-specific bacterial communities  

Despite differences in bacterial community structure for S. droebachiensis larvae 

from each population, variation in OTU membership and composition correlated best with 

location (ANOSIM, unweighted UniFrac, p<0.001; ANOSIM, weighted UniFrac, 

p<0.001; Figs. 4.4A-B, S4.14-4.16; Table S8). Community relatedness of larval-

associated microbiota in the Western and Eastern Atlantic Ocean was more similar to each 

other than to the Pacific Ocean population (Fig. 4.4 A-B). Moreover, bacterial community 

diversity and structure were significantly different between these three populations 
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(Fisher’s alpha: F-ratio = 142.2, p<0.001; Shannon equitability: F-ratio = 110.1, p<0.001; 

Faith’s phylogenetic distance: F-ratio = 159.2, p<0.001; observed OTUs: F-ratio = 124.2, 

p<0.001; Fig. 4.4C; Table S8). For each of the tested indices, bacterial communities of 

Gulf of Maine larvae were taxonomically richest and most diverse while Salish Sea larvae 

were the least rich and diverse, leaving North Sea larvae as intermediate (Tukey’s test, 

p<0.05 for each; Fig. 4.4C; Table S8). 

S. droebachiensis larvae from these locations primarily associated with seven 

bacterial classes from three phyla: Saprospirae and Flavobacteriia (Bacteroidetes), Alpha-

, Beta-, Delta-, and Gammaproteobacteria (Proteobacteria), and Verrucomicrobiae 

(Verrucomicrobia) (Fig. 4.5A). Of these classes, Flavobacteriia, Alpha- and 

Gammaproteobacteria represented at least 10% of the relative community for each 

population, where Gammaproteobacteria was the most abundant clade at 20-50% (Fig. 

4.5A). Of the hundreds of OTUs associated with S. droebachiensis larvae (Fig. S4.4), less 

than 10% were shared across populations, with 20-30% being specific to a single 

population and 3-11% being shared between two populations (Fig. 4.5B). This shared 

community was similar to the full communities for each population, in that it was 

composed primarily by Flavobacteriia (24.7%), Alpha- (28.1%) and 

Gammaproteobacteria (34.9%) (Fig. 4.5A). 

 

4.4 Discussion 

Principles underlying the assembly and diversity of host-associated microbial 

communities remains a focal point of host-microbiome research (e.g., Bordenstein & 

Theis, 2015; McFall-Ngai et al., 2013; Zilber-Rosenberg & Rosenberg, 2008). These 
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previous studies show that evolutionary history (Brooks, Kohl, Brucker, van Opstal, & 

Bordenstein, 2016), physiology (e.g., Buckley & Rast, 2017; Kohl et al., 2016; Kohl & 

Carey, 2016), and environmental conditions (e.g., Carrier & Reitzel, 2017) are primary 

drivers for compositional differences. Much of this work, however, focuses either within 

or between host populations, with few studies comparing the intra- and inter-population 

processes underlying microbiome assembly. 

Comparing the bacterial communities associated with S. droebachiensis larvae 

across feeding environments and geographical locations supports two primary findings. 

First, larvae from each of these three populations associate with bacterial communities 

that correlate with food availability, time, development, and phenotype. Second, despite 

variation in the microbiota within each population of urchin larvae, the composition of S. 

droebachiensis larval-associated bacterial communities best correlated with the location 

of the host population when cultured under natural conditions. 

Larval marine invertebrates associate with microbial communities that are diverse 

and dynamic yet specific to host species and distinct from the environmental microbiota 

(Carrier, Macrander, & Reitzel, 2018; Carrier & Reitzel, 2018; Carrier & Reitzel, 2019; 

Carrier et al., 2018; Webster, Soo, et al., 2011). The bacterial community associated with 

larval echinoderms, in particular, shifts with food availability (Carrier & Reitzel, 2018; 

Carrier et al., 2018), embryonic and larval development (Carrier & Reitzel, 2018; Carrier 

& Reitzel, 2019), phenotype (Carrier & Reitzel, 2018), disease (Carrier et al., 2018), and 

physiology (Buckley & Rast, 2017). Common approaches for investigating larval-microbe 

interactions involve studies at single locations for species with broad geographic 

distributions (see Carrier & Reitzel, 2018; Carrier & Reitzel, 2019; Carrier et al., 2018; 
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Webster, Soo, et al., 2011). The data presented here suggest that community-level shifts 

in response to biotic (development and phenotype) and abiotic (food availability and time) 

factors occur at multiple locations across a population with limited gene flow. Three 

widely-distributed sea urchin species (including S. droebachiensis) have previously been 

shown to associate with food-elicited phenotype-specific bacterial communities when 

cultured under identical conditions (Carrier & Reitzel, 2018). It may, therefore, be 

hypothesized that phenotype-specific microbiota for these and, potentially, other species 

of larval echinoderms (e.g., Acanthaster sp. in the Pacific Ocean, including on the Great 

Barrier Reef; Carrier et al., 2018; K Wolfe, Graba-Landry, Dworjanyn, & Byrne, 2015; 

Wolfe, Graba-Landry, Dworjanyn, & Byrne, 2015; Wolfe, Graba-Landry, Dworjanyn, & 

Byrne, 2017) occur throughout the geographical distribution of the species. 

Marine invertebrate larvae are not unique in their ability to respond to 

environmental variability by exhibiting shifts in the associated bacterial community 

(Carrier & Reitzel, 2017; Kohl & Carey, 2016). Several groups of marine and terrestrial 

vertebrates (e.g., mammals, reptiles, and fish) respond to diet variability and abiotic stress 

by restructuring their gut microbiota that, in turn, are likely to differ in community 

function (e.g., Kohl et al., 2016; Kohl et al., 2018; Muegge et al., 2011). Similar to marine 

invertebrate larvae, marine and terrestrial vertebrates can be widely-distributed and, thus, 

genetically distinct populations may exhibit similar community-levels shifts in microbiota 

at multiple locations across these populations. To our knowledge, however, parallel 

responses between populations for vertebrates and other taxa have not yet been 

documented. 
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Inter-location variation in the composition of S. droebachiensis-associated 

bacterial communities was more pronounced than intra-location differences. While the 

mechanisms driving this result are unknown, genetic and ecological differences between 

S. droebachiensis populations are likely contributing factors (Moeller et al., 2017; Pantos 

et al., 2015). S. droebachiensis from the Salish Sea, Gulf of Maine, and North Sea have 

some degree to genetic isolation (Addison & Hart, 2004, 2005; Norderhaug et al., 2016). 

Each urchin population also inhabits environments that differ in physical (Otto et al., 

1990; Pettigrew et al., 2005; Sutherland & MacCready, 2011) and biological (McQuatters-

Gollop et al., 2007; Thomas, Townsend, & Weatherbee, 2003; Winter, Banse, & 

Anderson, 1975) factors. 

The ambient conditions during these larval culturing experiments differed between 

locations, with the North Sea, Gulf of Maine, and Salish Sea being the coolest (3.8 ± 0.9 

°C), intermediate (7.9 ± 0.5 °C), and warmest (10.5 ± 0.2 °C), respectively, and, based on 

available buoy data, the Gulf of Maine and North Sea were less (29.7 ± 0.2 PSU) and 

more saline (32.5 ± 0.5 PSU), respectively. Moreover, during the pelagic period, echinoid 

larvae from the Gulf of Maine experience a pronounced seasonal phytoplankton bloom 

(Starr, Himmelman, & Therriault, 1990), those from the Salish Sea encounter seasonal 

upwelling events (Sutherland & MacCready, 2011), and North Sea counterparts may deal 

with seasonal oligotrophication (Otto et al., 1990). Inter-location variation in the bacterial 

communities associated with S. droebachiensis larvae may, therefore, have been due to 

differences in the oceanographic environment. 

 Population-specific bacterial communities for S. droebachiensis larvae are 

consistent with the hypothesis that host-associated microbial communities are 
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taxonomically variable across the geographic distribution of the host (Dishaw et al., 2014; 

Huang et al., 2018; Marino et al., 2017; Marzinelli et al., 2015; Mortzfeld et al., 2015). 

Studies using diverse animal taxa (e.g., sponges, corals, fish, and humans) have shown 

that the environment, not genotype, principally drives community differences (Burgsdorf 

et al., 2014; Pantos, Bongaerts, Dennis, Tyson, & Hoegh-Guldberg, 2015; Rothschild et 

al., 2018; Sullam et al., 2012). Genetic comparison of S. droebachiensis indicates that 

individuals from the Salish Sea and Gulf of Maine sub-populations are more related to 

each other than to the North Sea sub-population (Addison & Hart, 2004, 2005; Scheibling 

& Hatcher, 2013). Microbial communities from these populations, however, suggest the 

contrary: larvae from the Gulf of Maine and North Sea are more similar to each other than 

to Salish Sea larvae. How much of this difference is explained by the abiotic differences 

(i.e., temperature), the time of year of the experiments, the local microbiota, or host 

genetics remains unclear. This result reinforces the hypothesis that environment may be a 

larger influence on community assembly than genetic similarity. 

By comparing host-associated bacterial communities across feeding environments 

and geographic locations in larval sea urchins, we provide initial evidence that inter-

location variation in symbiont communities can be more pronounced than intra-location 

variation. This difference may suggest that larger scale ecological variables that 

correspond to different geographic locations may mask more local scale ecological 

variables (e.g., feeding, time, development, and phenotype). Explicit testing of this is 

merited and would benefit from common culturing of geographically distant population 

with restricted gene flow and functional characterization from animal taxa with diverse 

evolutionary histories. 
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Figure 4.1. Location of Strongylocentrotus droebachiensis experiments. Cartoon 
representation for where the adult populations were sampled and where differential feeding 
experiments were conducted. 
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Figure 4.2. Morphology of Strongylocentrotus droebachiensis larvae from three 
populations. Post-oral arm and mid-body line lengths for S. droebachiensis larvae from 
the Salish Sea, Gulf of Maine, and North Sea, with feeding quantity, developmental stage, 
and time collapsed (see, Figs. S1-2 for the sub-division of larval features.) 
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Figure 4.3. Dietary and temporal shifts in the bacterial communities associated with 
Strongylocentrotus droebachiensis larvae. Community similarity of weighted UniFrac 
based on S. droebachiensis larval-associated bacterial communities based on food 
availability (10,000, 1,000, 100, and 0 cells�mL-1 represented by orange, blue, green, and 
red, respectively) over a multi-week exposure (Week 1, 2, 3, and 4 represented by a 
square, triangle, circle, and sideways-triangle, respectively) for populations from the 
Salish Sea (A), Gulf of Maine (B), and North Sea (C). 
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Figure 4.4. Structure of the bacterial communities associated with Strongylocentrotus 
droebachiensis larvae from three populations. Community similarity of S. droebachiensis 
larval-associated bacterial communities between three geographic locations based on (A) 
unweighted and weighted UniFrac comparisons, with the relatedness of the weighted 
UniFrac represented by a microbial dendrogram (B). Diversity within each population 
was estimated using four (C) alpha metrics: observed OTUs, Faith’s phylogenetic 
distance, Fisher’s alpha, and Shannon diversity. 
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Figure 4.5. Bacterial taxa associated with Strongylocentrotus droebachiensis larvae. (A) 
Class-level profiles of the bacterial communities associated with S. droebachiensis larvae 
from the Salish Sea, Gulf of Maine, and North Sea as well as the mean community across 
populations and the shared taxa between each population. (B) Distribution of OTUs 
associated with S. droebachiensis larvae uniquely found in each population, common 
between two populations, and shared between all populations. 
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Figure S3.1. in situ measurements of temperature and salinity. Temperature and salinity 
for Friday Harbor, WA (NOAA station, FRDW1), Walpole, ME (NOAA NERACOOS 
LOBO 2, mid-Damariscotta River), and Kristineberg, Sweden (Sven Lovén Centre for 
Marine Infrastructure, deep water intake) for larval experimentation. 
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Figure S4.2. Strongylocentrotus droebachiensis larvae alter phenotype to feeding 
environment. Ratio between the post-oral arm and mid body line (mean ± standard error; 
n=20) for S. droebachiensis from the Salish Sea (A), Gulf of Maine (B), and North Sea 
(C) larvae having been fed either 10,000 (black), 1,000 (dark grey), 100 (grey), and 0 
cells�mL-1 (white). 
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Figure S4.3. Strongylocentrotus droebachiensis larvae alter gut volume to feeding 
environment. Gut volume (mean ± standard error; n=20) for larval S. droebachiensis from 
the Salish Sea (A), Gulf of Maine (B), and North Sea (C) having been fed either 10,000 
(black), 1,000 (dark grey), 100 (grey), and 0 cells�mL-1 (white). 
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Figure S4.4. Alpha rarefaction curves for Strongylocentrotus droebachiensis larvae from 
three geographic locations and of the seawater. Alpha rarefaction curves for the associated 
microbiota for S. droebachiensis larvae (circles) from the Salish Sea (blue), Gulf of Maine 
(red), and North Sea (yellow) and seawater (squares) based on the rarefaction depth (3,193 
sequences) used for all analyses. 
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Figure S4.5. Dietary and temporal shifts in the bacterial communities associated with 
Strongylocentrotus droebachiensis larvae. Community similarity based on S. 
droebachiensis larval-associated bacterial communities based on food availability 
(10,000, 1,000, 100, and 0 cells�mL-1 represented by orange, blue, green, and red, 
respectively) over a multi-week exposure (Week 1, 2, 3, and 4 represented by a square, 
triangle, circle, and sideways-triangle, respectively) for populations from the Salish Sea 
(A), Gulf of Maine (B), and North Sea (C). Comparisons between food availability and 
over time are based on unweighted UniFrac comparisons. (Note: this is the unweighted 
complement to Figure 3.) 
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Figure S4.6. Community similarity of Strongylocentrotus droebachiensis larvae from the 
Salish Sea across time. Similarity of bacterial communities associated with S. 
droebachiensis larvae from the Salish Sea for one (A; p < 0.002), two (B; p < 0.001), three 
(C; p < 0.001), or four (D; p < 0.001) weeks and having been fed 10,000 (orange), 1,000 
(blue), 100 (purple), or 0 (yellow) cells�mL-1. 
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Figure S4.7. Community similarity of Strongylocentrotus droebachiensis larvae from the 
Gulf of Maine across time. Similarity of bacterial communities associated with S. 
droebachiensis larvae from the Gulf of Maine for one (A; p < 0.001), two (B; p < 0.005), 
three (C; p < 0.007), or four (D; p = 0.430) weeks and having been fed 10,000 (orange), 
1,000 (blue), 100 (purple), or 0 (yellow) cells�mL-1. 
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Figure S4.8. Community similarity of Strongylocentrotus droebachiensis larvae from the 
North Sea across time. Similarity of bacterial communities associated with S. 
droebachiensis larvae from the North Sea for one (A; p < 0.002), two (B; p < 0.001), three 
(C; p < 0.001), or four (D; p < 0.020) weeks and having been fed 10,000 (orange), 1,000 
(blue), 100 (purple), or 0 (yellow) cells�mL-1. 
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Figure S4.9. Community similarity of Strongylocentrotus droebachiensis larvae from the 
Salish Sea across diets. Similarity of bacterial communities associated with S. 
droebachiensis larvae from the Salish Sea having been fed 10,000 (A; p < 0.001), 1,000 
(B; p < 0.001), 100 (C; p < 0.001), or 0 (D; p < 0.001) cells�mL-1 for one (orange), two 
(blue), three (purple), or four (yellow) weeks. 
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Figure S4.10. Community similarity of Strongylocentrotus droebachiensis larvae from the 
Gulf of Maine across diets. Similarity of bacterial communities associated with S. 
droebachiensis larvae from the Gulf of Maine having been fed 10,000 (A; p < 0.005), 100 
(B; p < 0.001), or 0 (C; p < 0.002) cells�mL-1 for one (orange), two (blue), three (purple), 
or four (yellow) weeks. 
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Figure S4.11. Community similarity of Strongylocentrotus droebachiensis larvae from the 
North Sea across diets. Similarity of bacterial communities associated with S. 
droebachiensis larvae from the North Sea having been fed 10,000 (A; p < 0.002), 1,000 
(B; p < 0.002), 100 (C; p < 0.002), or 0 (D; p < 0.006) cells�mL-1 for one (orange), two 
(blue), three (purple), or four (yellow) weeks. 
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Figure S4.12. Community similarity of the associated microbial community along a 
phenotypic continuum for Strongylocentrotus droebachiensis from three geographic 
locations. Similarity of bacterial communities associated with S. droebachiensis larvae 
from the Salish Sea (A; p = 0.046), Gulf of Maine (B; p < 0.005), and North Sea (C; p < 
0.004) pre (orange) and post (blue and purple) expression of plasticity. 
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Figure S4.13. Similarity of the associated microbial community for Strongylocentrotus 
droebachiensis larvae from three geographic locations. Community similarity (p < 0.001) 
of the associated microbiota between S. droebachiensis larvae (circles) from the Salish 
Sea (blue), Gulf of Maine (red), and North Sea (yellow) and seawater (squares). 
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Figure S4.14. Community similarity of Strongylocentrotus droebachiensis larvae across 
diets. Similarity of bacterial communities associated with S. droebachiensis larvae from 
the Salish Sea (purple), Gulf of Maine (blue), or North Sea (orange) and having been fed 
10,000 (A; p < 0.001), 1,000 (B; p < 0.001), 100 (C; p < 0.001), and 0 (D; p < 0.001) 
cells�mL-1. 
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Figure S4.15. Community similarity of Strongylocentrotus droebachiensis larvae across 
time. Similarity of bacterial communities associated with S. droebachiensis larvae from 
the Salish Sea (purple), Gulf of Maine (blue), or North Sea (orange) and having been 
differentially fed for one (A; p < 0.001), two (B; p < 0.001), three (C; p < 0.001), or four 
(D; p < 0.001) weeks. 
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CHAPTER 5 
 

LOSSES AND GAINS IN AND OF THE MICROBIOME 
DURING A MAJOR LIFE-HISTORY TRANSITION 

 
Tyler J. Carrier, Brittany A. Leigh, Dione J. Deaker, Seth R. Bordenstein, Maria Byrne, 
and Adam M. Reitzel 
 

Abstract 

Animal gastrointestinal tracts house diverse microbiota that are integral to host 

function. Over the course of animal evolution species from various phyla have lost their 

digestive system, where theory predicts that community diversity and diet-induced shifts 

in these microbiota should be lost. Here we use the major life-history transition from 

planktotrophy to lecithotrophy to test for losses in properties of host-associated 

microbiota. Experimental feeding and profiling of the associated bacteria show that loss 

of the gut corresponds with a reduction in taxonomic and phylogenetic diversity, microbial 

load, and the ability to associate with a diet-specific bacterial community. Moreover, eggs 

of the gutless congener became unicolonized by a novel Rickettsiales lineage that is 

closely related to Wolbachia and that has homologous genes known to manipulate host 

reproduction and metabolize diacylglycerols. Taken together, this suggests that the 

microbiome is a dynamic character in animal evolution that may be modified during life-

history transitions. 

 

5.1 Introduction 

The animal gastrointestinal tract houses phylogenetically diverse microbial 

communities that are integral to host metabolism, immunity, and development (Bates et 

al., 2006; Fraune & Bosch, 2010; Ley, Lozupone, Hamady, Knight, & Gordon, 2008; 
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McFall-Ngai et al., 2013; Turnbaugh et al., 2006). Symbioses between the animal host 

and gut microbiota have deep evolutionary origins (Ley et al., 2008; McFall-Ngai et al., 

2013), often co-diverge over evolutionary time (Brooks, Kohl, Brucker, van Opstal, & 

Bordenstein, 2016; Moeller et al., 2016), and can serve as a physiological buffer to 

heterogeneous environments (Douglas, 2009; Kohl & Carey, 2016). Despite the utility of 

the gastrointestinal tract and functional benefits of gut microbiota (Brooks et al., 2016), 

species in various phyla lack a digestive system due to repeated loss over the course of 

animal evolution (Strathmann, 1978; Wray, 1996). Loss of the gut should, in theory, result 

in a reduction in the diversity of host-associated microbiota and the absence of diet-related 

shifts exhibited by congeners that maintain a functional digestive system. 

Major life-history transitions are driven by tradeoffs in reproduction and 

development that, in turn, impact fitness (Partridge & Harvey, 1988; Stearns, 1989). This 

is particularly evident in benthic marine invertebrates that support two opposing 

nutritional and developmental strategies (Mileikovsky, 1971; R. R. Strathmann, 1978; 

Thorson, 1950; Vance, 1973). The first—planktotrophy—typically includes a high 

number of small, energy-poor eggs that develop into larvae with a feeding apparatus and 

tripartite gut used to collect and process suspended particles (e.g., phytoplankton) and 

other exogenous resources required to reach competency for metamorphosis 

(Mileikovsky, 1971; Strathmann, 1978; Thorson, 1950; Vance, 1973). The second—

lecithotrophy—has fewer large, energy-rich eggs that develop into non-feeding larvae and 

undergo metamorphosis independently of external nutrients (Mileikovsky, 1971; 

Strathmann, 1978; Thorson, 1950; Vance, 1973). Species with lecithotrophic development 

have almost universally evolved from ancestral planktotrophs (Strathmann, 1978, 1985; 
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Strathmann, 1993; Wray, 1996), during which feeding structures and a functional 

gastrointestinal tract are lost (Raff, 1992). Life-history transitions between these 

developmental modes have occurred in several major animal lineages (Strathmann, 1978, 

1985) and are readily observed and particularly well-studied in echinoderms (Raff, 1992; 

Raff & Byrne, 2006; Wray, 1996; Wray & Raff, 1991). 

One of the most comprehensively studied life-history transitions is the sea urchin 

Heliocidaris, where a speciation event ~4 million years ago (Zigler, Raff, Popodi, Raff, 

& Lessios, 2003) gave rise to H. tuberculata with the ancestral planktotroph and H. 

erythogramma with the derived lecithotroph. Typical of planktotrophs, H. tuberculata 

develops from small (~95 μm) eggs into feeding larvae that offset food limitations by 

elongating their feeding arms relative to the body (Soars, Prowse, & Byrne, 2009). 

Environmental elicitation of alternate phenotypes by planktotrophic sea urchins is widely 

correlated with compositional shifts in the associated microbiota (Carrier, Dupont, & 

Reitzel, 2019; Carrier & Reitzel, 2018; Carrier & Reitzel, 2019; Carrier et al., 2018) that 

is presumed to aid in coping with reduced exogenous nutrients. H. erythogramma, on the 

other hand, develops directly from eggs ~100x the volume (~430 μm) of H. tuberculata 

and lack the morphological characters for feeding and a functional digestive track (Raff, 

1992). This heterochronic shift in development (Raff, 1992) and life-history mediated a 

rewiring of the gene regulatory network (Israel et al., 2016), reorganization of cell fates 

(Wray & Raff, 1989), and mechanisms for gameteogensis (Byrne et al., 1999). 

Using Heliocidaris as an experimental system, we may test whether the loss of a 

functional gut coincides with a reduction in symbiont diversity as well as the potential for 

this community to exhibit diet-related shifts. To test this, we differentially fed both 
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Heliocidaris species and used amplicon sequencing to profile the bacterial communities 

across development and dietary treatments. In this, we find that H. erythogramma eggs 

are dominated by a novel Rickettsiales lineage, for which we describe the genomic and 

morphological properties of. 

 

5.2 Materials and Methods 

5.2.1 Specimen collection and larval rearing 

Adult H. tuberculata and H. erythrogramma were collected from populations 

throughout Sydney Harbor in March-April 2018. Adult urchins were transferred to the 

Sydney Institute of Marine Science within one hour, where they were maintained in flow-

through aquaria.  

Within two days of collections, adult urchins were spawned by intracoelomic injection 

of 0.10 M KCl. To include the environmental microbiota, gametes from three males and 

females were spawned separately into 5.0 μm filtered seawater (FSW) and pooled by sex. 

Fertilization of eggs and larval rearing followed Byrne et al. (2001). For H. tuberculata, 

cultures were set to a density of 1 larva�mL-1, stirred gently in beakers, and the FSW was 

changed once every 2.5 days (Byrne et al., 2001). H. erythrogramma cultures, on the other 

hand, were set to a density of 5 larvae�mL-1, remained static in shallow dishes, and the 

FSW was changed twice daily (Byrne et al., 2001). 

 

5.2.2 Experimental feeding and sample collection 

Larvae of both Heliocidaris species were divided into twelve replicate jars and 

provided an experimental feeding treatment of either 12,000, 1,200, or 0 cells�mL-1 of 
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Isochrysis galbana (n=4, per diet). Prism-stage H. tuberculata larvae were treated 48 

hours post-fertilization (hpf) for twenty days (i.e., to developmental stasis) while H. 

erythrogramma embryos were treated two hpf for five days (i.e., to metamorphosis). H. 

tuberculata (n=100) and H. erythrogramma larvae (n=50) from all treatments and 

replicates were sampled every five days and daily, respectively (Table S13). Immediately 

after sampling, larval tissues were concentrated using a microcentrifuge, the seawater was 

removed with a sterile pipette, and frozen at -80°C before being preserved in RNAlater 

for long-term storage at -20°C. 

Complementary to sampling urchin larvae, the environmental microbiota from the 

seawater was also sampled at each time point for both species. When cultures were 

sampled, ~0.5-L of seawater was filtering onto a 0.22-µm Millipore filter to retain the 

environmental microbiota (n=3). Full filter disks were frozen at -80°C before being 

preserved in RNAlater for long-term storage at -20°C. 

 

5.2.3 Larval morphology 

To validate that H. tuberculata larvae responded to the feeding environment (Soars 

et al., 2009), twenty larvae (n=20) from a single replicate of each dietary treatment were 

sampled for morphometric analysis. Larvae were imaged using a compound microscope 

(Leica DM5500) and morphometrics (length of larval body, post-oral arms, and stomach 

area; Fig. S5.2) were performed using ImageJ (Schneider, Rasband, & Eliceiri, 2012) (v. 

1.9.2). We used a two-way analysis of variance (ANOVA; JMP Pro v. 13) to test whether 

larval morphology differed across time and between diets. We then performed a Tukey’s 

post hoc test for pairwise comparisons for where statistical differences were detected. 
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5.2.4 Profiling bacterial communities 

Total DNA was extracted from larval and seawater samples, as well as DNA kit 

blanks (n=4), using the GeneJet Genomic DNA Purification Kit (Thermo Scientific). 

DNA was quantified using a Qubit (Life Technologies) and diluted to 5 ng�μL-1 using 

RNase/DNase-free water. Bacterial sequences were then amplified using primers for the 

V3/V4 regions of the 16S rRNA gene (Klindworth et al., 2013) (Table S14). Products 

were purified using the Axygen AxyPrep Mag PCR Clean-up Kit (Axygen Scientific), 

indexed using the Nextera XT Index Kit V2 (Illumina Inc.), and then purified again. At 

each clean up step, fluorometric quantitation was performed using a Qubit and libraries 

were validated using a Bioanalyzer High Sensitivity DNA chip (Agilent Technologies). 

Illumina MiSeq sequencing (v3, 2x300 bp paired-end reads) was performed at the 

University of North Carolina at Charlotte. 

Raw reads along with quality information were imported into QIIME 2 (Bolyen et 

al., 2019) (v.2019.1), where forward and reverse reads were paired using VSEARCH 

(Rognes, Flouri, Nichols, Quince, & Mahé, 2016), filtered by quality score, and denoised 

using Deblur (Amir et al., 2017). QIIME 2-generated ‘features’ were grouped into 

operational taxonomic units (ASVs) based on a minimum 99% similarity and were 

assigned taxonomy using SILVA (Quast et al., 2013) (v.132). Sequences matching to 

Archaea, present in the DNA kit blanks, or samples with less than 1,000 reads were 

discarded. The filtered biom table was then rarified to 4,091 sequences (Fig. S5.12). 

To test whether community membership and composition were species-specific, 

shift over time, and in response to food availability, we calculated unweighted and 
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weighted UniFrac (Lozupone & Knight, 2005) values and compared them using principal 

coordinate analyses (PCoA). Results from these analyses were then recreated in QIIME 1 

(Caporaso et al., 2010) (v.1.9.1) and stylized using Adobe Illustrator. We then used a two-

way PERMANOVA to test for differences in membership and composition over the 

course of the differential feeding experiment and, subsequently, performed pairwise 

comparisons. To complement UniFrac values, we also calculated several measures of 

alpha diversity (i.e., total ASVs, phylogenetic distance, McIntosh evenness, and McIntosh 

dominance) between species, over time, and across diets. We compared these values using 

a two-way analysis of variance (ANOVA) and, subsequently, performed by a Tukey’s 

post-hoc test for pairwise comparisons between diets and times. Lastly, we summarized 

the bacterial groups associated with both Heliocidaris species and the number of shared 

and specific ASVs. 

Our QIIME-based pipeline used to convert raw reads to ASVs for visualization is 

presented in detail in Note S1. Moreover, these reads 16S rRNA reads are publicly 

accessibly on Dryad under the DIO that is yet to be determined. 

 

 

5.2.5 Estimating bacterial load 

Total DNA extracted from Heliocidaris samples (n = 40 per species), as described 

above, were standardized to 5 ng�μL-1 and used to estimate bacterial load. The relative 

abundance of 16S copies was quantified using ‘universal’ primers for the 16S rRNA gene 

(Baker, Smith, & Cowan, 2003; Alm, Oerther, Larsen, Stahl, & Raskin, 1996) and the 

Luna Universal qPCR Master Mix (New England BioLabs) (See, Table S14). Relative 
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abundance was calculated using the delta Ct method, with H. erythrogramma as a 

reference for normalization. Lastly, Ct values for both species were then compared using 

a Student’s t-test and where p<0.05 was regarded as statistically significant. 

 

5.2.6 Metagenomics 

Total DNA extracted from two H. erythrogramma egg samples, as described 

above, were chosen for metagenomic sequencing of the bacterial symbiont. Libraries were 

made using the Nextera DNA FLEX Kit and labeled via the Nextera CD Index Kit. 

Libraries were fluorometrically quantified using Qubit and validated using a Bioanalyzer 

High Sensitivity DNA chip (Agilent Technologies). Illumina MiSeq sequencing (v3, 

2x300 bp paired-end reads) was performed at the University of North Carolina at 

Charlotte. 

Raw reads were trimmed and quality checked using Trimmomatic 0.33 (Bolger, 

Lohse, & Usadel, 2014) and FastQC, respectively. Reads with scores above Q30 were 

then mapped to the draft H. erythrogramma genome (Wray, unpublished data) to remove 

host reads. All unmapped reads from both samples (1.1 million paired-end reads in total) 

were co-assembled using SPAdes 3.13.0 (Bankevich et al., 2012) and the quality of the 

resulting five assembled contigs was assessed using QUAST (Gurevich, Saveliev, Vyahhi, 

& Tesler, 2013). Assembly statistics are outlined in Table S9. Genome completeness was 

determined using CheckM (Parks, Imelfort, Skennerton, Hugenholtz, & Tyson, 2015) 

against the Rickettsiales marker gene database and all contigs were then visualized using 

Circos (Krzywinski et al., 2009). Coding regions were determined and annotated using 

the RAST SEED database (Aziz et al., 2008), and each coding region was run through 
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HMMscan (Finn, Clements, & Eddy, 2011) to identify conserved domains and through 

EffectiveDB (Eichinger et al., 2015) to determine secreted effectors. KEGG modules were 

reconstructed in RAST to assess metabolic pathways.  

The full length 16S rRNA gene was extracted from the metagenome to determine 

closest relatives in the NCBI database. Using the top 20 BLAST hits and other members 

of the Rickettsiales order, a RAxML maximum likelihood (Stamatakis, 2006) gene tree 

with 1,000 bootstrap replicates was generated in Geneious v11.0.3 (Kearse et al., 2012) 

with the JC69 substitution model as determined by the jModelTest (Darriba, Taboada, 

Doallo, & Posada, 2012). As described above for the 16S rRNA gene tree, the position 

within Rickettsiales was verified using 86 marker genes from known genomes (Table 

S10). This genome is publicly accessibly on NCBI under accession number that is yet to 

be determined. 

 

5.2.7 Bacterial localization 

The relative abundance of E. raffii declined following one day of development 

(Fig. S5.5) during which H. erythrogramma embryos shed their jelly coat (Williams & 

Anderson, 1975), suggesting the cellular location of E. raffii. To localize E. raffii relative 

to H. erythrogramma eggs (i.e., jelly coat vs. the egg), we mechanically removed 

according to Edgar et al.(2019). Dejellied eggs were then rinsed with sterile ambient 

seawater, preserved in RNAlater, and stored long-term at -20°C. Total DNA extracted 

from dejellied H. erythrogramma egg, as described above. PCR primers for the E. raffii 

16S rDNA were then designed using our draft genome (Table S14). The presence of this 

gene was compared between unfertilized H. erythrogramma eggs with and without the 
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jelly coat using PCR and these products were visualized by gel electrophoresis. 

 

5.3 Results 

5.3.1 Reduction in community diversity 

Consistent with other larval echinoderms (Carrier et al., 2019; Carrier & Reitzel, 

2018; Carrier & Reitzel, 2019; Carrier et al., 2018), the bacterial communities of H. 

tuberculata and H. erythogramma are species-specific and distinct from the 

environmental microbiota in both membership and composition (PERMANOVA, 

unweighted UniFrac, p<0.001; PERMANOVA, weighted UniFrac, p<0.001; Fig. 5.1A; 

Table S1). The bacterial community of H. tuberculata was significantly different from 

and, on average, more than three times as diverse as (total bacterial ASVs: ANOVA, 

p<0.0001; phylogenetic diversity: ANOVA, p<0.0001; Fig. 5.1B; Table S2) and had ~13 

times more 16S copies (t-test, p<0.0001) than H. erythogramma. The planktotrophic H. 

tuberculata were also more taxonomically dominant (ANOVA, p<0.0001) and less even 

(ANOVA, p=0.0002) than H. erythogramma (Fig. 5.1B; Table S2). Moreover, the 

environmental microbiota was significantly more diverse than both Heliocidaris species 

(ANOVA, total ASVs, p<0.0001; ANOVA, phylogenetic distance, p<0.0001; Fig. 5.1B; 

Table S2). 

Despite differences in community composition (Fig. 5.1A) and structure (Fig. 5.1B), 

H. tuberculata and H. erythogramma shared 38 ASVs (10.7%), with 263 and 55 ASVs 

being specific to H. tuberculata and H. erythogramma, respectively (Fig. 5.1C). A 

majority of this community was composed of a- and g-proteobacteria as well as the 

Bacteroidia. The a-proteobacteria (t-test, 0.014; Fig. 5.1C, S1; Table S3) and g-
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proteobacteria (t-test, 0.051; Fig. 5.1C, S5.1; Table S3), in particular, were significantly 

different and inversely abundant between Heliocidaris species. Bacteroidia, on the other 

hand, was similar in abundance (t-test, 0.522; Fig. 5.1C, S5.1; Table S3). 

 

5.3.2 Loss of a diet specific microbiota 

As previously reported (Soars et al., 2009), H. tuberculata exhibits morphological 

plasticity in response to food availability (ANOVA, p<0.0001), whereby diet-restricted 

larvae increase the length of their post-oral (feeding) arms relative to the larval body (Fig. 

S5.2; Table S4). Morphological plasticity for H. tuberculata correlated with shifts in the 

bacterial community (Figs. 5.2, S5.2), such that food availability induced and correlates 

with diet-specific microbiota (PERMANOVA, unweighted UniFrac, p>0.05; 

PERMANOVA, weighted UniFrac, p<0.05; Fig. 5.2, Tables S5-6). This response, 

however, was not observed for H. erythogramma, as these developmental stages 

associated with bacterial communities that were consistent across diets (PERMANOVA, 

unweighted UniFrac, p>0.05; PERMANOVA, weighted UniFrac, p>0.05; Fig. 5.2; Tables 

S5-6). 

Over the course of differential feeding, community structure did not differ between 

dietary treatments but did over time for both H. tuberculata (ANOVA, total ASVs: diet: 

p>0.05, time: p<0.001; ANOVA, phylogenetic distance: diet: p>0.05, time: p=0.005) and 

H. erythogramma (ANOVA, total ASVs: diet: p>0.05, time: p<0.001; ANOVA, 

phylogenetic distance: diet: p>0.05, time: p<0.001) (Fig. S5.3; Table 7). Each 

Heliocidaris species, however, underwent opposing temporal successions: the bacterial 

communities of H. tuberculata were taxonomically and phylogenetically rich in early 
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stages and stably fluctuated over developmental time while H. erythogramma eggs were 

dominated by a single bacterial ASVs and diversified throughout development (Fig. S5.3; 

Table 7). 

The taxonomic and phylogenetic diversity of early-stage H. tuberculata was typical 

of planktotrophs (Carrier & Reitzel, 2018) (Fig. S5.4). Taxonomic dominance by a single 

ASV (representing 95.1% of the community) for H. erythogramma eggs, on the other 

hand, is uncommon for echinoids (Fig. S5.4). This ASV associated with H. erythogramma 

eggs was within the Rickettsiales and was barely detectable (<0.27%) in H. tuberculata 

larvae and the seawater. Moreover, the abundance of this ASV declined abruptly (to 

~8.0%) following one day of development and slightly thereafter through to 

metamorphosis (ANOVA, p<0.0001; Fig. S5.5; Table 8). Classification of this ASV 

suggests that it is most similar to Wolbachia spp. and belongs to the Rickettsiales (Fig. 

S5.6; Note S2), a bacterial order rich with parasitic symbionts that infect animals across 

the tree of life (Engelstädter & Hurst, 2009; Werren, Baldo, & Clark, 2008). 

 

 

5.3.3 Identification of a novel Rickettsiales lineage 

Provided the functional relevance of the Rickettsiales and Wolbachia 

(Engelstädter & Hurst, 2009; Werren et al., 2008) to animal biology, we sequenced the 

metagenome of H. erythogramma eggs. Following trimming and filtering of host 

sequences based on a H. erythogramma draft genome (Wray, unpublished data), a total of 

~1.13 million paired-end reads remained across both samples (Fig. S5.7). These co-

assembled into five scaffolds that totaled ~1.11 million bp with 460x read coverage. This 
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draft genome was nearly complete at 97.2% (Fig. S5.8) and had a GC content (33.3%) 

typical of endosymbionts (see, Table S9 for full assembly statistics) (McCutcheon, Boyd, 

& Dale, 2019). 

One full length 16S rRNA gene was identified within these scaffolds and was 

compared to other Rickettsiales as well as the top 20 known nucleotide sequences in the 

NCBI database. This bacterium fell within the Anaplasmataceae family and had an ~85% 

sequence similarity to various Wolbachia endosymbionts from a wide range of nematode 

and insect hosts (Fig. 5.3A). A phylogenetic analysis using 86 marker genes from 

Rickettsiales isolates with available genomes verified this position within the 

Anaplasmataceae and the novelty of this bacterium (Fig. S5.9; Table S10). Due to the 

divergence of this lineage, we propose the genus “Candidatus Echinorickettsia,” with this 

nearly complete genome named “Candidatus E. raffii,” after the late Dr. Rudy Raff who 

was an early pioneer of the Heliocidaris system (Moczek, Henry, & Byrne, 2019; Wray 

& Haag, 2019). 

To assess the genetic content of E. raffii, we identified 1,206 protein coding sequences 

(CDS) using RAST (Aziz et al., 2008) and, of these, 324 CDS regions (26.9%) were 

classified as hypothetical proteins, further supporting the novelty of this bacterium. The 

E. raffii genome included several genes to encode for a flagellum as well as two abundant 

gene groups (Fig 5.4). First, we observed numerous transport protein complexes, such as 

a Type IV secretion system (TIVSS) and ABC transporters (Fig 5.4), that are indicative 

of crosstalk between E. raffii and H. erythogramma. Second, we observed 65 effector 

proteins that were predicted to be secreted from these transporters, including three that 

maintained eukaryotic-like domains (Table S11-12). Two of these eukaryotic-like 
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effectors were ankyrins, a diverse protein family known to manipulate eukaryotic ligands 

(Caturegli et al., 2000; Hryniewicz-Jankowska, Czogalla, Bok, & Sikorsk, 2002). The 

third was a hypothetical protein with a synaptobrevin domain, a protein necessary in the 

all-or-nothing acrosomal reaction during sea urchin fertilization (Conner, Leaf, & Wessel, 

1998). 

Nearly one third of the remaining CDS for E. raffii had KEGG orthologs (KO) that 

were related to metabolism. Notably, many of the metabolic modules necessary for carbon 

metabolism were incomplete (Fig. S5.10), a feature characteristic of parasitic Rickettsiales 

that scavenge essential resources from the host (Driscoll et al., 2017). E. raffii does, 

however, encode numerous enzymes, for example, within the glycerolphospholipid 

metabolism pathway (Fig. 5.4). This includes enzymes that are required for the 

metabolism of diacylglycerols ethers (Fig. 5.4), a primary lipid group acquired during the 

transition from planktotrophy to lecithotrophy and, specifically, in the eggs and embryos 

of H. erythogramma (Byrne & Sewell, 2019; Davidson et al., 2019; Villinski, Villinski, 

Byrne, & Raff, 2002). 

 

5.3.4 Localization of Echinorickettsia raffii 

Within hours of the embryonic jelly coat being shed (Williams & Anderson, 1975), 

we observed that the number of E. raffii sequences declined from 95.1% to 8.0% of the 

community (ANOVA, p<0.0001; Fig. S5). To determine if E. raffii localized to the jelly 

coat or within the egg, we compared whether the 16S rRNA sequence for E. raffii could 

be detected in H. erythogramma eggs with and without the jelly coat. Following 

mechanical removal of the jelly coat (Raff et al., 1999), the 16S rRNA sequence of E. 
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raffii was detected in dejellied H. erythogramma egg (Fig. S5.11), suggesting that E. raffii 

is intracellular. 

 

5.4 Discussion 

The gastrointestinal tract is a principle animal organ system for microbial 

colonization and is primarily responsible for the taxonomic and functional diversity of 

animal-microbe symbioses. Co-evolution of host and microbiota has shaped metabolic 

codependency and mediated niche expansion of the host (Annunziata, Andrikou, Perillo, 

Cuomo, & Arnone, In Press; Brooks et al., 2016; Douglas, 2009; Fraune & Bosch, 2010; 

Ley et al., 2008; McFall-Ngai et al., 2013; Moeller et al., 2016; Shapira, 2016). The 

evolutionary significance of symbioses between the animal host and the associated 

microbiota is primarily derived from systems that depend on this organ for survival (Ley 

et al., 2008; Moeller et al., 2016; Shapira, 2016). This is not always the case, as many 

gutless invertebrates in coastal sediments (e.g., Solemya velum; Stewart & Cavanaugh, 

2006)) and the deep-sea (e.g., Riftia pachyptila; Stewart & Cavanaugh, 2005) utilize 

chemosymbionts as the primary vector for nutrition (Dubilier, Bergin, & Lott, 2008). 

However, we lack an understanding of the consequences that coincide with the 

evolutionary loss of the gastrointestinal tract that occur, for example, during the transition 

from planktotrophy to lecithotrophy (Strathmann, 1978, 1985; Vance, 1973; Wray & Raff, 

1991). 

Differential feeding of the planktotrophic H. tuberculata and lecithotrophic H. 

erythogramma supports three primary findings. First, the planktotroph is able to respond 

to and associate with a bacterial community specific to food availability while the 
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lecithotroph does not. Second, the bacterial community associated with the lecithotroph 

is a third as taxonomically and phylogenetically diverse with ~13 times less bacterial cells 

as the planktotrophic congener. Third, the derived lecithotroph acquired a novel 

Rickettsiales lineage with homologous genes known to manipulate host reproduction and 

metabolize diacylglycerol ethers. 

Several species of planktotrophic echinoderms associate with bacterial 

communities that are taxonomically and compositionally specific to food availability 

(Carrier et al., 2019; Carrier & Reitzel, 2018; Carrier & Reitzel, 2019; Carrier & Reitzel, 

In review; Carrier et al., 2018). When diet restriction is prolonged and morphological 

plasticity is expressed, planktotrophs exhibit shifts in the symbiont community that 

precede and then correlate with the expression of morphological plasticity (Carrier & 

Reitzel, 2018; Carrier & Reitzel, 2019). Like other planktotrophs, we observed that H. 

tuberculata associated with a diet-specific bacterial community that was induced in 

response to the feeding environment. Following the loss in the dependency on exogenous 

resources, we were unable to observe this ecological responsiveness for the derived 

lecithotroph of H. erythogramma. This would suggest that in the transition from 

planktotrphy to lecithotrophy, larval holobiont may have lost mechanisms to differentially 

associate with microbiota in different feeding environments  

Following a simplification in the morphological architecture, the transition 

towards lecithotrophy leads to a loss in a functional gastrointestinal tract (Smith, Zigler, 

& Raff, 2007; Wray & Raff, 1991). For H. erythogramma, extension of the archenteron 

is abbreviated, the blastopore is covered shortly after invagination, and this heavily 

modified gut remains inactive (Williams & Anderson, 1975; Wray & Raff, 1989; Wray & 
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Raff, 1991; Wray & Raff, 1991). The taxonomic and phylogenetic diversity of the 

bacterial community associated with H. erythogramma is approximately a third of the 

ancestral H. tuberculata with a bacteria load that is ~13 times less. This suggests that the 

transition from planktotrophy to lecithotrophy and evolutionary loss of a functional gut 

(Williams & Anderson, 1975; Wray & Raff, 1989; Wray & Raff, 1991; Wray & Raff, 

1991) is correlated with a major reduction in the diversity and bacterial load of host-

associated microbiota. This, in principle, is also consistent with the expectation and 

overall consensus that the evolution of the gut gave rise to dense animal-associated 

microbial communities that were more taxonomically and phylogenetically diverse 

(Brooks et al., 2016; Douglas, 2009; Fraune & Bosch, 2010; Ley et al., 2008; McFall-

Ngai et al., 2013; Moeller et al., 2016; Shapira, 2016). 

Arguably the most notable modification during the transition towards 

lecithotrophy is to oogenesis (Emlet, McEdward, & Strathmann, 1987; Smith et al., 2007; 

Strathmann, 1978; Thorson, 1950; Vance, 1973; Wray & Raff, 1991), where maternal 

investment (i.e., egg size) is altered to provide the offspring with a surplus of 

diacylglycerol ethers and other nutrients (Byrne & Sewell, 2019; Davidson et al., 2019; 

Villinski et al., 2002). This biochemical transition in echinoid eggs is correlated with a 

switch towards taxonomically and phylogenetically shallow bacterial communities and 

the evolution of vertical transmission (Bright & Bulgheresi, 2010; Carrier & Reitzel, 

2019; Carrier & Reitzel, In review; Holland & Nealson, 1978; Manahan, Davis, & 

Stephens, 1993; McFall-Ngai & Ruby, 2000). For H. erythogramma, this includes the 

potentially unique association with E. raffii, a novel Rickettsiales lineage with genes to 

metabolize diacylglycerol ethers. These lipids are partially utilized during larval 
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development but primarily reserved for juvenile growth, perhaps suggesting that this 

plentiful resource may also be used by E. raffii to sustain an effective population between 

life stages. 

Metabolism of diacylglycerol ethers was one of several primary genomic features 

of E. raffii. Specifically, E. raffii had a number of ankyrin domains, a type IV secretion 

system, and sperm modulators (Conner et al., 1998; Epel, 1978; Vacquier, Epel, & 

Douglas, 1972). In Wolbachia and other Rickettsiales, these gene groups are known to 

influence host reproduction through cytoplasmic incompatibility, feminization, and make 

killing (Engelstädter & Hurst, 2009; Werren et al., 2008). It is unknown whether E. raffii 

is functionally equivalent, but we suspect Heliocidaris reproduction may be manipulated 

for three reasons. First, Heliocidaris is sympatric in Sydney Harbor (Mortensen, 1943; 

Wray & Raff, 1991) and the onset of spawning by H. erythrogramma coincides with 

gamete release for H. tuberculata (Laegdsgaard, Byrne, & Anderson, 1991; Williams & 

Anderson, 1975). Second, H. tuberculata sperm bind to but cannot fertilize H. 

erythrogramma eggs unless the jelly coat is removed (Raff et al., 1999; Zigler et al., 2003), 

allowing for a fertilization efficiency (~85%) equal to the reciprocal cross (Zigler et al., 

2003). Third, the adult population of H. erythrogramma is disproportionately female (Dix, 

1977), which is an unlikely occurrence for benthic marine invertebrates (Levitan, 2005). 

We, therefore, suspect that E. raffii may have similar functions as species of Wolbachia 

known to induce cytoplasmic incompatibility (Bordenstein, O'Hara, & Werren, 2001) and, 

perhaps, mediate speciation (Brucker & Bordenstein, 2012; Brucker & Bordenstein, 

2013). 

While the influence on Heliocidaris reproduction is unknown, we find evidence 



 

 

188 

suggesting that E. raffii is also an endosymbiont and, due to the sharp decline after 

hatching, we suspect that this bacterium is located on the periphery of the egg and may 

enter the jelly coat. For echinoids, the jelly coat encases the egg, in part, to promote 

conspecific fertilization and is shed during late embryogenesis. This, however, isn’t the 

case for H. erythrogramma, as a small piece of the jelly coat remains attached to the 

vegetal pole, is internalized as the archenteron invaginates, and is then guarded by anti-

microbial amoebocytes (Williams & Anderson, 1975). This developmental modification 

may account for the small portion of E. raffii that remained associated with H. 

erythrogramma after hatching (i.e., one day of development) and throughout 

development. This inoculum may then utilize the high abundance of diacylglycerol ethers 

allocated for juvenile growth to regain an effective population size in the benthic life stage 

for H. erythrogramma (Byrne & Sewell, 2019; Davidson et al., 2019).  

What remains uncertain is when during this life history transition may a bacterium 

similar to E. raffii be acquired. For sea urchins, the transition from planktotrophy to 

lecithotrophy includes two primary intermediate stages (Fig. 5.5) (Allen & Pernet, 2007; 

Smith et al., 2007; Vance, 1973; Wray, 1996). The first is facultative planktotrophy (e.g., 

Clypeaster; Emlet, 1986), where an increase in maternal investment has relaxed the 

requirement, but retained the ability, to feed (Allen & Pernet, 2007; Smith et al., 2007; 

Wray, 1996). The second is facultative lecithotrophy, whereby the ability to feed has been 

lost and the morphological and digestive structures have been reduced (Fig. 5.5) (Allen & 

Pernet, 2007; Smith et al., 2007; Wray, 1996). We suspect that community diversity is 

inversely related to maternal investment and a symbiont akin to E. raffii may be acquired 

once an effective population can be sustained between host generations (Fig. 5.5). Despite 
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these unknowns, we find it feasible that the microbiome is a dynamic character in animal 

evolution and this may be modified during major life-history transitions. 
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Figure 5.1. Differential structuring of the microbiota between life-histories. (A) 
Community similarity of the larval-associated microbiota based on membership 
(unweighted UniFrac; left) and composition (weighted UniFrac; right) for Heliocidaris 
tuberculata (red triangles), H. erythrogramma (purple squares), the environmental 
microbiota (blue circles). (B) Enumeration of operational taxonomic units (ASVs), 
phylogenetic distance of those ASVs, dominance, and evenness between both 
Heliocidaris species and the seawater. (C) Distribution of total ASVs between both 
Heliocidaris species and the seawater, and class-level summaries of those ASVs. 
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Figure 5.2. Loss of diet-specificity in the larval-associated microbiota. Community 
similarity (membership/unweighted UniFrac, left; composition/weighted UniFrac, right) 
of the larval-associated microbiota for Heliocidaris tuberculata and H. erythrogramma 
based on food availability (12,000, 1,200, and 0 cells�mL-1 of a phytoplankton represented 
by rightward triangle, circle, and square, respectively) and over several time points (times 
1, 2, 3, 4, and 5 were represented by blue, red, green, purple, and yellow colorings).  
 
  

Prefeeding
12,000 cells/mL
1,200 cells/mL
0 cells/mL
Time point 1
Time point 2
Time point 3
Time point 4
Time point 5

H. erythrogramma
H. tuberculata

Unweighted UniFrac

PC1 (13.85%)
-0.02 0 0.02 0.04-0.04-0.06 0.06

PC
2 

(5
.4

2%
)

-0.02

0

0.02

0.04

-0.04

-0.06

0.06
Weighted UniFrac

PC1 (33.48%)
-0.05 0 0.05-0.10 0.10

-0.08

PC
2 

(1
5.

69
%

)

-0.02

0

0.02

0.04

0.08

-0.04

-0.06

0.06

0.15



 

 

204 

 
 
Figure 5.3. Gene tree of Rickettsiales with the novel Echinorickettsia raffii lineage. A 
RAxML maximum likelihood gene tree for the full length 16S rRNA gene of Rickettsiales 
as well as the top 20 sequences with the highest similarity in the NCBI database. A total 
of 1,000 bootstrap replicates were utilized, placing E. raffii into the Anaplasmataceae 
family and as a sister genus to the Wolbachia. 
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Figure 5.4. Genomic features of Echinorickettsia raffii lineage. The major enzymatic 
pathways (e.g., catabolism of diacylglycerols ethers), transport systems (e.g., efflux 
channels and ABC transporters), and secretion systems (e.g., a Type IV secretion system) 
in the genome of E. raffii are illustrated in this cartoon. Moreover, enzymes are in red text 
and predicted effector proteins are illustrated outside of the cell from their predicted 
secretion system. 
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Figure 5.5. Revised model of life-history transitions. A theoretical model for the primary 
transitional steps during the evolution of lecithotrophy presented by Wray and Raff (1991) 
and revised by Smith et al. (2007) is revised again here. This second revision includes 
three additional components pertaining to larval-associated bacterial communities. First, 
a reduction in community diversity during the transition from obligate to facultative 
planktotrophy as the need to feed is relaxed. Second, a reduction in community diversity 
during the transition from facultative planktotrophy to lecithotrophy while a functional 
gut is lost. Third, the acquisition of a novel bacterial lineage with the genomic features to 
manipulate host reproduction. 
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Figure S5.1. Bacterial taxa associated with Heliocidaris larvae. Bacterial classes 
associated with Heliocidaris larvae having been provided either 12,000, 1,200, or 0 
cells�mL-1 of phytoplankton over the course of larval development for H. erythrogramma 
and for twenty days for H. tuberculata. 
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Figure S5.2. Morphometrics of Heliocidaris tuberculata larvae. Post-oral arm to mid body 
line ratio (top) and stomach volume (bottom) (average ± standard error) of H. tuberculata 
larvae having been fed either 12,000 (red), 1,000 (green), or 0 cells�mL-1 (blue) over the 
course of twenty days. 
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Figure S5.3. Alpha diversity metrics of the bacterial community associated with 
Heliocidaris larvae. Total ASVs (top) and phylogenetic distance (bottom) of bacterial taxa 
for H. erythrogramma and H. tuberculata larvae over the course of differential feeding 
experiments. Larvae of both species were provided either 12,000, 2,000, and 0 cells�mL-

1 of a phytoplankton (represented by red, green, and red, respectively). 
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Figure S5.4. Bacterial communities of echinoid eggs. Ratio of observed ASVs to 
phylogenetic distance of the bacterial community associated with echinoid eggs, and how 
this relates to egg dimeter, a proxy for maternal investment and life-history mode. Data 
for Strongylocentrotus purpuratus, Mesocentrotus franciscanus, and S. droebachiensis 
were originally presented in Carrier and Reitzel (2018; 2019) and reanalyzed using the 
computational pipeline presented here for comparison to both Heliocidaris species. 
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Figure S5.5. Abundance profile of Echinorickettsia raffii. The abundance profile of the 
predominant operational taxonomic unit—that was later characterized as E. raffii—
associated with unfertilized Heliocidaris erythrogramma eggs over the course of 
development. 
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Figure S5.7. Draft genome for Echinorickettsia raffii. Circos depiction of the draft genome 
for E. raffii that, from outer to inner rings, includes five scaffolds in blue, predicted CDS 
on the forward strand, predicted CDS on the reverse strand, RNA genes, predicted CDS 
with homology to known antimicrobial resistance genes, predicted CDS with homology 
to known virulence factors, GC content, and GC skew. The colors in the CDS rings portray 
the subsystem category these genes belong to (see legend). 
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Figure S5.8. Completeness of the Echinorickettsia raffii genome. Assessment of the 
completeness for the E. raffii genome using CheckM, as determined through comparison 
to a total of 324 marker genes from 83 genomes within the Rickettsiales. A total of 317 of 
these single-copy genes were found in E. raffii and, of those, one was in duplicate and six 
were not recovered. This yielded a completeness of 97.2% as well as 0.5% contamination. 
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Figure S5.10. Localization of Echinorickettsia raffii. Using the 16S rRNA sequence 
recovered from the draft genome and polymerase chain reaction, E. raffii was found to be 
present in a majority of Heliocidaris erythrogramma eggs as well as those that had their 
(external) jelly coat chemically removed by a brief exposure to glacial acetic acid-
acidified seawater35. 
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Figure S5.11. Alpha rarefaction curve for Heliocidaris larvae and the seawater. Alpha 
rarefaction curve for the bacterial community associated with H. erythrogramma and H. 
tuberculata across differential feeding experiments, and of the seawater. This was based 
on a rarefaction depth of 1,426 sequences and was used for all analyses. 
 
  

H. erythrogramma
H. tuberculata
Seawater

750

500

0

O
bs

er
ve

d 
A

SV
s

250

4,0002,0000

60

20

0

Ph
yl

og
en

et
ic

 d
is

ta
nc

e

40

Sequences per Sample
4,0002,0000



 

 

216 

CHAPTER 6 
 

CONCLUDING REMARKS 
 

This dissertation uses a series of field-based experiments to assess the relationship 

between larval urchins and their bacterial symbionts across space, time, and 

developmental modes. The first chapter reviews our understanding of symbioses between 

echinoderm larvae and bacterial symbionts. The second chapter tests whether larval 

urchins associate with bacterial communities specific to their two diet-induced 

phenotypes. The third and fourth chapters then assess this relationship across time and 

space, respectively. Lastly, the fifth chapter attempts to expand upon the role of the 

environment and developmental stages driving associations with microbiota focused on 

in the second, third, and fourth chapters by testing the hypothesis that phenotype-specific 

bacterial community that has been widely observed in feeding larvae is lost when a feeding 

larva is lost over evolutionary time.  

In the first chapter, we review our understanding of echinoderm larvae and the 

symbiont communities that they associate with. Our synthesis of the literature suggests 

three primary themes. First, larval echinoderms associate with ‘subcuticle bacteria’ that 

appear to colonize select tissue types. Second, the bacterial communities associated with 

larval echinoderms exhibit compositional shifts that are correlated with several 

fundamental properties of larval biology (e.g., development and morphological plasticity) 

and ecology (e.g., feeding environment). Third, echinoderm larvae exhibit specific 

responses to pathogenic bacteria that may aid in maintaining the symbiont community and 

avoid dysbiosis. 
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In the second chapter, we test the idea that morphological plasticity by larvae and 

the differential composition of the microbiome are correlated responses. To do so we 

induce morphological plasticity in three species of sea urchin larvae and measure changes 

in the associated bacterial community. While each species of larval sea urchin associated 

with a unique bacterial community, the expression of morphological plasticity resulted in 

the convergence on a phenotype-specific microbiota. Moreover, by manipulating diet 

quantity over time, we also observed that differentially associating with microbiota along 

a phenotypic continuum is bidirectional. From this chapter, our results support the 

hypothesis that phenotypic plasticity extends beyond a host genome-by-environment 

interaction. 

In the third chapter, we test whether the association with a phenotype-specific 

microbiota occurs before, during, or following the expression of morphological plasticity. 

To do so, compare the temporal pattern of the microbial community and how it relates to 

the timing of morphological plasticity for larvae of the sea urchin Lytechinus variegatus. 

Daily profiling of these responses shows a four-stage successional pattern and that shifts 

in the bacterial taxa precede morphological plasticity, suggesting a temporal asynchrony 

in distinct acclimation responses by larval sea urchins. 

In the fourth chapter, we test whether the microbial taxa associated with a 

phenotype-specific microbiota is consistent across the geographical location of the larval 

host. To do so, we use the sea urchin Strongylocentrotus droebachiensis and perform 

differential feeding experiments using two populations from the Atlantic Ocean and one 

from the Pacific. By comparing across populations, we find that inter-population 

differences in the composition of larval-associated bacterial communities are larger than 
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intra-population variation due to a heterogeneous feeding environment. Moreover, 20-

30% of OTUs associated with larvae were specific to a single location while less than 10% 

were shared. These results suggest that the geographical location of the host is a better 

predictor of which microbial taxa sea urchin larvae associate with than the phenotype they 

express. 

Lastly, in the fourth chapter, we test whether phenotype-specific microbiota pattern 

that we observed across time (i.e., the second and third chapters) and space (i.e., the fourth 

chapter) are maintained when the ability to feed is lost. To do so, we use the major life-

history transition from planktotrophy to lecithotrophy that has been well-studied for the 

sea urchins Heliocidaris tuberculata and H. erythogramma. By differentially feeding both 

sea urchin species, we observed that the non-feeder does not associate with a diet-specific 

bacterial community and that this transition correlates with a major reduction in 

taxonomic and phylogenetic diversity as well as microbial load. Moreover, eggs of H. 

erythogramma were unicolonized by a novel Rickettsiales lineage that is closely related 

to Wolbachia that had homologous genes known to manipulate host reproduction and 

metabolize diacylglycerols. Collectively, these results suggest that phenotype-specific as 

well as diet-specific patterning of the associated microbiota may be lost during major life-

history transitions. 

 


